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a b s t r a c t
Fouling due to bioﬁlms composed primarily of microorganisms and extracellular polymeric substances
is a signiﬁcant hindrance to membrane ﬁltration in water treatment. The goal of this work was to use a
reactive membrane surface to reduce membrane biofouling by coating a ceramic ultraﬁltration membrane
with the nanoparticulate photocatalyst, TiO2 . 10-Day bioﬁlm growth experiments were conducted to
determine the effect of photocatalytic coatings on the formation of a Pseudomonas putida bioﬁlm and
subsequent changes in membrane ﬂux. Results indicate that a highly hydrophilic, photoreactive coating
of mixed phase TiO2 nanoparticles is effective for the control of biofouling on ceramic ultraﬁltration
membranes.
© 2009 Elsevier B.V. All rights reserved.

1. Introduction
Chemical and biological fouling are major problems in membrane water ﬁltration due to reduced membrane ﬂux, increased
energy costs, and system downtime for maintenance [1–3]. Biofouling is the buildup of organic chemicals, microorganisms, and
microbial communities at the membrane surface. Bioﬁlms, microbial communities attached to a surface, begin with cell adhesion
and progress to thick layers of extracellular polymeric substances,
other organic chemicals, and a complex community of microbial
cells [4,5] which are difﬁcult to remove.
Recent studies of bioﬁlm formation on membranes identify
important bacterial species and critical membrane properties
in bioﬁlm initiation. For example, Horsch et al. used ﬂuorescence in situ hybridization to characterize biofouling of ultra- and
nano-ﬁltration membranes, revealing the importance of gammaproteobacteria in bioﬁlm colonization when ﬁltering oligotrophic
reservoir water [6], and Pasmore et al. studied the effects of various membrane surface properties on the formation of Pseudomonas
aeruginosa bioﬁlms showing that bioﬁlm initiation is enhanced by
rough, hydrophobic, charged surfaces [7]. These insights inform
the development of novel membranes to prevent this bacterial
adhesion and associated biofouling through a variety of sur-
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face modiﬁcations to improve hydrophilicity and prevent organic
adsorption and bacterial proliferation [8–11].
We and others have shown the effectiveness of titanium
dioxide coatings in membrane ﬁltration. The advantage of a photocatalytically reactive TiO2 membrane is the combination of
superhydrophilicity (preventing organic partitioning to the membrane surface, thereby hindering bacterial cell attachment [12,13]),
photolysis (cleavage of chemical bonds by speciﬁc wavelengths
of light [14,15]), and photocatalysis (generation of highly reactive
hydroxyl radicals for robust oxidation of organic species [16–18] and
microorganisms [19]). Kim et al. applied titanium dioxide nanoparticles to a thin-ﬁlm composite reverse osmosis membrane and
found improvement in membrane permeability after incubation
in an E. coli solution, compared to uncoated thin-ﬁlm composite membranes, due to the photo-biocidal effect of the TiO2 [20].
Choi et al. and Madaeni and Ghaemi have synthesized titaniacoated membranes and demonstrated lower rates of ﬂux decline
over such membranes [21–23]. Additional studies of photocatalytic
membranes, and other methods of integrating photocatalysis and
membrane ﬁltration (such as using ﬁltration for the recycle of suspended photocatalysts) are reviewed by Ollis [24].
Our previous work showed that membranes coated with titanium dioxide photocatalysts prevent bacterial attachment, an
initial stage in bioﬁlm formation [13]. We studied the attachment
of Pseudomonas putida, a type of gamma-proteobacteria, to ceramic
membranes with and without several different types of titanium
dioxide photocatalysts. We found a marked reduction in cell attachment on titania-coated membranes after 3 h in low and high organic
solution concentrations, in the dark and under UV illumination.
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Under UV illumination, mixed phase photocatalysts, particularly
Degussa P25 TiO2 (P25), not only inhibited cell attachment, but also
achieved cell kill. We hypothesize then, that over longer time intervals these phenomena will reduce bioﬁlm formation and growth,
and hence biofouling since dead bacterial cells do not propagate or
secrete extracellular polymeric substances.
In this work, we test this hypothesis with long-term bioﬁlm
growth experiments, to determine if the attachment results predict the course of bioﬁlm development and ﬂux decline. We coat
ceramic membranes with active and inactive titania nanoparticles
and measure the bioﬁlm volume and ﬂux decline that develop after
10 days of exposure to a dilute P. putida culture under UV illumination. By comparing the performance of the membranes, we are
able to separate the individual effects of hydrophilicity, photolysis,
and photocatalytic activity at the membrane surface.

2. Materials and methods
2.1. Photocatalytic effects on bioﬁlm volume and ﬂux decline
In a ﬁrst set of tests to examine the accumulation of bioﬁlm volume and ﬂux decline (Set A), P25 titanium dioxide was applied to
the surface of six Sterlitech zirconia ultraﬁltration (nominal pore
size approximately 0.014 m) membrane discs using dip-coating
and heat treatment, as described previously [13]. Six additional
zirconia membrane discs were left uncoated to serve as control
samples. P25 is a commercially available mixed-phase photocatalyst produced by high temperature ﬂame hydrolysis. The primary
particle size is about 30 nm, but the bulk material is highly heterogeneous in particle size resulting in aggregates as large as 1–2 m.
P25 contains nanoclusters of anatase and rutile crystallites (mixed
phase) which, when chemically bound and arranged in a particular
morphology, have very high photocatalytic activity [18]. In general,
P25 is considered to be the standard of highly active photocatalysts,
and we have previously explained that this high activity is associated with charge transfer across and the chemical structure of the
solid–solid interface [25–28].
P. putida is a Gram-negative, rod-shaped bacterium. It was
chosen as the bacterial model because P. putida is commonly
present throughout the environment, and readily colonizes bioﬁlms
[29,30]. The American Type Culture Collection P. putida type strain
number 12633 was grown in M9 minimal media at 25 ◦ C, maintained at the exponential growth phase (cell concentration of
approximately 108 cells/mL) in a 1-L chemostat supplied with
1 L/min sterile air, and 100 rpm stirring. This solution was diluted
in sterile phosphate buffered saline (PBS) to bring the solution cell
concentration to approximately 106 cells/mL, a bacterial cell concentration typical of fresh surface waters [31].
The initial ﬂux of each of the 12 membrane discs in the ﬁrst set
of experiments was measured before bioﬁlm growth by determining the ﬂow rate of deionized water through each membrane at
a pressure of 15 in. of mercury. Prior to growing a bioﬁlm on the
disc, it was placed in a modiﬁed quartz glass Petri dish with inlet
and outlet ports, and the assembly was sterilized in an autoclave.
Twelve sterile Petri dish assemblies were arranged such that six of
the discs were illuminated and the remaining six were covered with
aluminum foil to prevent UV light penetration to be used as dark
controls. Using sterile tubing and a 12-line peristaltic pump, the
dilute P. putida culture was pumped across the surface of each of the
membrane discs at a rate of 1.15 mL/min. The solution passed once
over the discs without recycle. Each day a new batch of dilute cell
culture was prepared over the 10-day duration of an experiment
using PBS and chemostat efﬂuent. The assembly was illuminated
continually for the duration of the test by ultraviolet light from a
UVP Blak-Ray Lamp (model B 100 AP) with peak intensity at 365 nm

that delivered light with intensity of approximately 5.3 W/m2 at the
membrane surface, as measured by an Apogee spectroradiometer.
Samples were tested in triplicate.
After illumination for 10 days, the disc samples were removed
from the solution and stained using Invitrogen Molecular Probes
Live/Dead stain, containing Syto-9 nucleic acid and propidium
iodide to mark attached cells as either having intact (live) or ruptured (dead) cell membranes. Samples were also stained with
wheat germ agglutinin Alexa Fluor 647 conjugate for simultaneous
visualization of n-acetylglucosamine residues, a component of the
extracellular polymeric substance (EPS) matrix [32]. Samples were
maintained in PBS at 4 ◦ C for microscopy. Confocal laser scanning
microscopy (CLSM) was used to quantify the bioﬁlm at the surface of
the membrane samples in terms of bacterial cell volume. Each sample was analyzed in 375 m × 375 m sections, collecting a stack
of images in 1 m vertical intervals throughout the thickness of
the biomass (typically about 50 images per stack), using an upright
Leica confocal microscope, model DM RXE-7 with a 40× dipping
lens. Image J software was used to calculate cell (or EPS) volume
by determining the total area in each image that had cell matter (a
range of 0–140,625 m2 ), multiplying the cell matter area in each
image by the 1 m thickness of the interval, and summing the cell
volume for the stack of images to arrive at a total cell volume per
sampling site. The bioﬁlm on each of the membranes was analyzed
at three locations in this way. CLSM data was also analyzed to evaluate bioﬁlm thickness as well as the maximum percentage of the
sampled surface area covered by live cells. We found thickness typically in the 20–90 m range with some samples up to 160 m, and
live cell coverage ranging up to 74% of the sampled area, but given
the three-dimensional heterogeneity inherent to bioﬁlm structure
[33], bioﬁlm volume provided a more rigorous basis for comparison.
After microscopy, the deionized water ﬂux through each membrane
was measured for comparison to the initial ﬂux.

2.2. Photocatalytic effects vs. hydrophilic and photolytic effects on
bioﬁlm control
To clarify the roles of hydrophilicity, photolysis, and photocatalysis at the membrane surface, a second set of zirconia membrane
discs were prepared using P25 and non-catalytically active rutile,
as well as zirconia discs left uncoated (Set B). Illuminated P25
membranes should resist bioﬁlm growth through a combination of mechanisms: hydrophilicity, photolysis, and photocatalysis.
The rutile surface allows us to isolate the photocatalytic effect
by producing a similar hydrophilic and photolytic environment
without photocatalysis. To this end, a nanocrystalline pure-phase
rutile powder was synthesized by a low-temperature hydrothermal
method using a titanium(IV) chloride precursor, as described by Li
et al. [34]. The rutile nanocrystals were rod-shaped with a diameter
of about 20 nm and a length of about 150 nm and tended to form
micron-sized aggregates, as shown in Fig. 1.
Sessile water drop shape analysis was used to characterize the
hydrophobic/hydrophilic nature of the rutile coatings, using a technique described previously [13]. In short, deionized water was
dropped onto the surface of glass slides coated with zirconia and
titania at a rate of 3 L/min to form droplets of ∼0.5 L with a Krüss
model DSA100 drop shape analyzer. The sessile water drop contact
angle was determined using a circle-ﬁtting method. Five measurements were taken on the sample. The rutile coating was found to be
as superhydrophilic as the P25 coating [13], both having water drop
contact angles below the measurement limit of the test. Zirconia has
a contact angle of 5◦ , indicating it is less hydrophilic.
It is well established that mixed phase P25 is a highly active
photocatalyst, while rutile has a much lower reactivity rate, due
to high rates of charge recombination [35]. The relatively low
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Table 1
Coatings and illumination for samples in experimental sets A and B.
Set

Conditions

Superhydrophilic
effect

Photolytic
effect

Photocatalytic
effect

A, B
B
A, B
A, B
B
A, B

Dark zirconia
Dark rutile
Dark P25
Illuminated zirconia
Illuminated rutile
Illuminated P25

–
X
X
–
X
X

–
–
–
X
X
X

–
–
–
–
–
X

not equal, was applied to determine differences between average
sample values at a conﬁdence interval of at least 80% [38]. When
differences in sample averages are indicated as “signiﬁcant,” the
differences have been statistically determined by this metric.
3.1. Photocatalytic effects on bioﬁlm volume and ﬂux decline
Fig. 1. Electron micrograph of rutile TiO2 . Scale bar 500 nm. Used with permission
of Gonghu Li.

Fig. 2. Comparison of methylene blue degradation by mixed phase P25 and rutile
conﬁrms that rutile is essentially photocatalytically inactive.

reactivity of this rutile nanopowder was conﬁrmed by methylene
blue degradation. A solution of 30 mL of 0.0125 g/L methylene blue
and 2 g/L TiO2 (either P25 or rutile) was illuminated for 30 min with
the 100 W mercury vapor lamp. For each experiment, an aliquot
of solution was ﬁltered and immediately analyzed for methylene
blue concentration as measured by a Hitachi U-2000 UV–visible
spectrophotometer. In an average of two tests, only 3.5% of the
methylene blue was degraded by the rutile powder, compared to
99.5% degradation by P25, as shown in Fig. 2.
Bioﬁlm growth experiments were performed under slightly different culture conditions than Set A, using P. putida culture in M9
minimal media diluted in 10% PBS solution to achieve the same cell
concentration of 106 cells/mL. The lower salt concentration (10%
PBS in Set B vs. 100% PBS in Set A) resulted in thicker, more mature
bioﬁlms after 10 days, consistent with related bioﬁlm studies in
varying salt and nutrient levels in solution [36,37]. A summary of
test conditions and effects that could be present is shown in Table 1.

The results shown in Fig. 3 illustrate the combined inﬂuence
of hydrophilicity, UV illumination, and photocatalysis on bioﬁlm
growth over the 10-day experiments (Set A). Statistically signiﬁcant reduction in bioﬁlm volume under the illuminated conditions
was observed for the uncoated zirconia membrane in comparison
to the dark zirconia system, which can be attributed to photolysis (reaction driven by light energy alone). Statistically signiﬁcant
reduction in bioﬁlm volume was also observed on the P25-coated
membranes under dark conditions in comparison to the dark zirconia, and we attribute this to the superhydrophilic nature of the P25
surface. Control of bioﬁlm growth was the greatest in the illuminated P25 systems, which can be explained by the combination of
hydrophilic, photolytic, and photocatalytic effects. The average cell
volume in illuminated P25 samples was signiﬁcantly less than the
cell volume in other cases: 25% of the illuminated zirconia volume
and 3% of the dark zirconia volume.
Analysis of bioﬁlm thickness and surface coverage supports bioﬁlm volume ﬁndings. While there were no signiﬁcant
differences observed in bioﬁlm thickness (illuminated P25:
66.5 ± 52.7 m; dark zirconia: 73.6 ± 42.4 m), the illuminated P25
samples had the lowest maximum live cell surface coverage of any
type (illuminated P25: 0.6 ± 0.8%; dark zirconia: 10.0 ± 10.8%).
As shown in Fig. 4, there was signiﬁcantly greater nacetylglucosamine residue volume in the bioﬁlms grown on the
dark zirconia membranes as compared to the volume measured
in the illuminated samples and the dark P25 samples. These data
conﬁrm the trends observed in Fig. 3 and illustrate that over the
10-day bioﬁlm growth experiment, the control of cell attachment

3. Results and discussion
A large degree of variability is inherent in biological systems and
even small differences in initial growth can be ampliﬁed over a relatively long growth period such as the 10-day time interval used for
the bioﬁlms studied here. To analyze these data, the heteroscedastic t-test, which is used for cases in which sample populations are
fewer than 30 and the unknown variances of two populations are

Fig. 3. Comparison of live and dead cell volume in bioﬁlms formed on ceramic membranes after 10 days of exposure to cell culture (each bar is an average of nine readings
for three locations on each of three samples).
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Table 2
Flux values for membranes before and after fouling.
Sample

Pre-test ﬂux (mL/h)

Post-test ﬂux (mL/h)

Dark zirconia
Dark zirconia
Dark zirconia

1015
1246
1112

610
938
1160

512
590
620

510
580
555

1272
1627
1310

780
1060
1028

540
594
461

511
535
440

Dark P25
Dark P25
Dark P25
Illuminated zirconia
Illuminated zirconia
Illuminated zirconia
Illuminated P25
Illuminated P25
Illuminated P25
Fig. 4. Comparison of extracellular polymeric substance volume in bioﬁlms formed
on ceramic membranes after 10 days, as measured by n-acetylglucosamine residues
(each bar is an average of three samples).

and growth also results in signiﬁcantly diminished extracellular
polymer substance production by hydrophilic, photolytic, and photocatalytic effects.
The average ﬂux decline for each sample type is shown in Fig. 5.
Statistical comparison of these data indicates that the ﬂux decline
for zirconia membranes was signiﬁcantly different from ﬂux decline
for P25 membranes, but that there was no statistically signiﬁcant
difference between illuminated and dark P25 samples and no statistically signiﬁcant difference between illuminated and dark zirconia
samples.
The high level of ﬂux decline for the illuminated zirconia samples, which had relatively little bioﬁlm cell volume (Figs. 3 and 4),
is puzzling at ﬁrst glance. To make sense of these data, it is important to note the difference in pore size caused by the addition of
the photocatalyst. Photocatalyst dip-coating reduced the average
membrane pore size by nearly one order of magnitude, from 0.8 to
0.1 m as measured by deionized water ﬂux at 15 in. of mercury
transmembrane pressure. This creates a difference in initial water
ﬂux, with approximately one half the ﬂux through the coated membranes in comparison to the uncoated zirconia membranes (see
Table 2 for water ﬂux values). Flux decline is presented as a fraction
of initial ﬂux in Fig. 5. The larger pore size of the uncoated membranes is more susceptible to clogging by the P. putida bacterial cells
(typically 0.5–1 m in diameter) within the pores where photolysis
becomes less effective, in contrast to the 0.1 m pores of the titania
membranes which would exclude these bacterial cells, retaining
them near the surface [39]. EPS may also be more likely to coat
the membrane pores of less-hydrophilic zirconia membranes, as

Fig. 5. Average ﬂux decline over membranes after 10 days of bioﬁlm growth.

compared to superhydrophilic titania membranes. While the pore
sizes are different between these zirconia and P25 samples, this is
a parameter that can be tuned in the application of this technology.
3.2. Photocatalytic effects vs. hydrophilic and photolytic effects on
bioﬁlm control
The results of the experiments presented above (Set A) do not
provide information about the individual extent of the hydrophilic,
photolytic, and photocatalytic effects. Therefore, we conducted an
additional set of experiments (Set B) in order to separate the relative contributions of these effects on bioﬁlm control in this system.
(The term ‘signiﬁcantly different’ here continues to refer to differences that are statistically signiﬁcant at a conﬁdence interval
of at least 80% by the heteroscedastic t-test.) As shown in Fig. 6,
superhydrophilic dark rutile and dark P25 samples do not differ statistically from hydrophilic dark zirconia samples, illustrating that
the superhydrophilic effect due to P25 (Fig. 3) is limited to conditions in which less dense bioﬁlms form (such as in Fig. 3). When
denser, more mature bioﬁlms are allowed to form (Fig. 6), the
hydrophilic effect no longer exerts a controlling inﬂuence. The illuminated zirconia samples have signiﬁcantly less cell volume than
the dark zirconia samples (Fig. 6), revealing the photolytic effect in
controlling bioﬁlm growth. The average cell volume for the illuminated rutile samples, however, is not signiﬁcantly different from the
average cell volume for the dark zirconia samples, which indicates
that there is a limit to the photolytic efﬁcacy in controlling bioﬁlm
growth. Although the identical illumination conditions were used
for the illuminated zirconia and rutile membranes, we attribute

Fig. 6. Comparison of live and dead cell volume in bioﬁlms for reactive P25 membranes and zirconia (Zirc.) and rutile (Rut.) control membranes. “Dk.” indicates dark
conditions; “Lt.” indicates ultraviolet light illumination conditions.
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the variability in these data to that which is inherent in biological
systems. Despite this experimental variability, these results clearly
show the superior function of photocatalysis on the illuminated P25
samples, which have signiﬁcantly less cell volume than both types
of illuminated non-catalytic samples.
The illuminated P25 samples statistically have the lowest average cell volume with signiﬁcantly less bioﬁlm growth than all other
samples. These results indicate that even though hydrophilic and
photolytic effects are important for controlling bioﬁlm growth at
early stages of biofouling (Fig. 3), the photocatalytic effect is more
robust. In denser bioﬁlms (Fig. 6), the hydrophilic and photolytic
effects were ultimately overwhelmed, while the photocatalytic P25
membranes showed superior bioﬁlm control.
Analysis of bioﬁlm thickness and surface coverage supports bioﬁlm volume ﬁndings. While there were no signiﬁcant
differences observed in bioﬁlm thickness (illuminated P25:
52.4 ± 18.9 m; dark zirconia: 54.7 ± 17.9 m), the illuminated P25
samples had the lowest maximum live cell surface coverage of any
type (illuminated P25: 9.7 ± 7.2%; dark zirconia: 36.2 ± 18.0%).
4. Conclusions
These results show that the reduced bacterial cell attachment
and increased cell kill on the photocatalytic membranes in our previous work can be extended to the long-term control of bioﬁlm
formation and ﬂux decline. We show that photocatalytic mixed
phase TiO2 coatings such as P25 control the growth of bioﬁlms
and lessen the ﬂux decline on ceramic ultraﬁltration membranes
during a 10-day growth period. Hydrophilic and photolytic effects
are important in preventing bioﬁlm growth, but membranes coated
with P25 photocatalyst show superior biofouling resistance compared to uncoated zirconia membranes and membranes coated
with hydrophilic, non-reactive rutile titanium dioxide, even when
all of these are illuminated with UV light. These results are consistent with other work in the area of TiO2 -enhanced membranes and
ﬁlms, which have been shown to reduce chemical fouling, inactivate
microorganisms, and reduce bacterial cell adhesion. This study differs from previous work by focusing on the growth of bioﬁlms over
an extended period of time. Compared to alternative methods of
preventing biofouling, which rely predominantly on hydrophilicity
alone, the use of titanium dioxide adds a photoreactive element to
biofouling resistance, actively killing bacteria and oxidizing organic
chemicals, which is necessary for robust bioﬁlm control.
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