
  INTRODUCTION 
  Prenatal myogenesis is a complex process involving 

proliferation of myoblast precursors, differentiation, 
alignment, and subsequent fusion to form multinucle-
ated myotubes then finally forming mature muscle fi-
bers (Ordahl et al., 2000; Picard et al., 2002). Primary 
myofibers form during the initial stage of myogenesis, 
and secondary myofibers subsequently form during the 
second wave of myogenesis, the latter accounting for 
the majority of muscle fibers (as reviewed in Du et 
al., 2010). The molecular events of the myogenic path-
way are controlled by myogenic regulatory factors (e.g., 
MyoD, Myf-5, Myogenin, and Mrf-4) and their up-
stream factors, Wnt and Pax, the expression of which 

coordinately regulates the timing of proliferation and 
differentiation (Anakwe et al., 2003; Kassar-Duchossoy 
et al., 2005). Postnatal muscle is typically characterized 
by the increasing size of the myofibers (hypertrophy) 
rather than the number of myofibers because the to-
tal number of myofibers is fixed at birth in most spe-
cies (Stickland, 1978; Wigmore and Stickland, 1983; 
Stockdale and Miller, 1987). In avian species, the skel-
etal muscle undergoes development and maturation in 
structure and function during the incubation period. 
In chickens, primary myofibers form from about d 6 of 
incubation (as reviewed in Stockdale, 1992; Stickland et 
al., 2004). Secondary, or type II, myofibers are derived 
from a separate population of myotubes and begin dif-
ferentiation between 12 to 16 d [embryonic d (E) 12E 
to 16E, hatching is 21 d; as reviewed in Stockdale, 1992; 
Stickland et al., 2004]. Differentiation of both primary 
and secondary fibers is complete by 75% of the incuba-
tion period, and the total number of myofibers is there-
fore determined before the final stage of avian embry-
onic development (Stockdale and Miller, 1987). Despite 
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  ABSTRACT   Unlike the mammalian fetus, development 
of the avian embryo is independent of the maternal 
uterus and is potentially vulnerable to physiological and 
environmental stresses close to hatch. In contrast to the 
fetus of late gestation in mammals, skeletal muscle in 
avian embryos during final incubation shows differential 
developmental characteristics: 1) muscle mobilization 
(also called atrophy) is selectively enhanced in the type 
II fibers (pectoral muscle) but not in the type I fibers 
(biceps femoris and semimembranosus muscle), involv-
ing activation of ubiquitin-mediated protein degrada-
tion and suppression of S6K1-mediated protein trans-
lation; 2) the proliferative activity of satellite cells is 
decreased in the atrophied muscle of late-term embryos 
but enhanced at the day of hatch, probably preparing 
for the postnatal growth. The mobilization of muscle 

may represent an adaptive response of avian embryos 
to external (environmental) or internal (physiological) 
changes, considering there are developmental transi-
tions both in hormones and requirements for glycolytic 
substrates from middle-term to late-term incubation. 
Although the exact mechanism triggering muscle fiber 
atrophy is still unknown, nutritional and endocrine 
changes may be of importance. The atrophied muscle 
fiber recovers as soon as feed and water are available 
to the hatchling. In ovo feeding of late-term embryos 
has been applied to improve the nutritional status and 
therein enhances muscle development. Similarly, in ovo 
exposure to higher temperature or green light during 
the critical period of muscle development are also dem-
onstrated to be potential strategies to promote pre- and 
posthatch muscle growth. 
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the similarities in myogenesis in the mammalian fetus 
and avian embryo, differences in function and metabo-
lism would be expected because avian embryos grow 
in a more confined space and the process of hatching 
demands active participation of muscles and attendant 
metabolic support. Relatively little is known about the 
metabolism and its regulation in avian embryos during 
the last quarter of incubation. There has been, how-
ever, recent interest and progress in defining and un-
derstanding the molecular events in the skeletal muscle 
of avian embryos.

This review provides a summary of recent develop-
ments in the field of muscle development and function 
in late-term avian embryos with a focus on the process 
of atrophy, along with effects of nutritional and envi-
ronmental manipulation on pre- and posthatch muscle 
development.

Pectoral Muscle Development in Maturing 
Avian Embryos Is Morphologically  
and Molecularly Characterized by Atrophy

After the completion of myogenesis, it was generally 
expected that a phase dominated by hypertrophy would 
occur in the final quarter of incubation. The unexpect-
ed findings of a decreased percentage of pectoral mass 
in duck embryos toward the end of incubation (Chen et 
al., 2012) was also supported by the demonstration of 
decreased cross-sectional area of myofibers in pectoralis 
muscle with age of late-term turkey embryos (Moore 
et al., 2005a). These results suggest that this muscle 
may undergo an atypical development in the final days 
of incubation from what occurs posthatch when there 
is obvious hypertrophy (Remignon et al., 1995). These 
surprising findings implied that muscle mobilization (or 
“atrophy,” as used in this review) occurs in late-term 
avian embryos, particularly in the turkey and duck em-
bryos.

Although there has been several recent studies on 
muscle atrophy, no definitive explanation for the pro-
cess has been described. Atrophy is descriptive of de-
creased cell size mainly caused by loss of organelles, 
cytoplasm, and protein (as reviewed in Sandri, 2008), 
and muscle atrophy is morphologically indicated by 
the changes in the myofibers, especially the reduction 
in their diameter and overall muscle mass (Ebert et 
al., 2010). The transcription of E3-ligase, the group O 
family (FoxO) of forkhead transcription factors, and 
nuclear factor kappa B are key elements involved in the 
signaling pathway involved in the induction of skeletal 
muscle atrophy (Sandri et al., 2004; Van Der Heide 
et al., 2004; Glass and Roubenoff, 2010; Braun and 
Gautel, 2011; Nagatomo et al., 2011). Because of their 
importance in mediating or inducing muscle atrophy, 
these signaling proteins have been designated as “atro-
phy-related factors” in many reports. It is likely, there-
fore, that the changes both in histology and in these 

signaling proteins provide indicators of atrophy at the 
morphological and molecular levels.

We previously (Chen et al., 2012) found that myofiber 
size in pectoral muscle of duck embryos decreased by 
55% from 22E to hatching (d 28); this is probable mor-
phological evidence of muscle fiber atrophy in this spe-
cies. We evaluated the muscle atrophy-related signaling 
protein in late-term embryos to confirm the incidence 
of muscle atrophy. In support of this finding, the tran-
script abundance of Atrogin-1, an atrophy-related gene, 
increased 70-fold from 22E to hatching. This finding 
is suggestive of enhanced protein degradation through 
the ubiquitin-proteasome system because Atrogin-1 is 
an important mediator of E3-ligase. This degradation 
system accounts for most (<80%) intracellular turnover 
of proteins in all tissues (Gomes et al., 2001; Lecker et 
al., 2004, 2006). Relative expression of one of the key 
transcriptional factors, FoxO1, showed similar changes 
during the final incubation period (Chen et al., 2012). 
In contrast, the cytoplasmic Ser-Thr kinase, p70 S6, 
vital in protein synthesis and in determining cell size, 
decreased to 30% the activity at 22E during the same 
period, indicating impaired mRNA translation and 
protein synthesis. This kinase is activated by nutrient 
levels and insulin-like growth factors (IGF), and is es-
sential for mediating the control of muscle cytoplasmic 
volume by the integrating regulator mTOR (Figure 1, 
as reviewed in Sandri, 2008; Shavlakadze et al., 2010). 
It phosphorylates ribosomal protein S6 and thus regu-
lates the translation of specific mRNA that encode es-
sential components of the protein synthetic apparatus 
(Holz et al., 2005). Depletion of S6K1 impairs muscle 
growth and induces atrophy (Ohanna et al., 2005; Agu-
ilar et al., 2007), so it is an important regulator of 
muscle atrophy.

Our research, along with that of others, has dem-
onstrated enhanced atrophy-related signaling and its 
morphological consequences in the pectoral muscle in 
the final stages of embryonic development in poultry. 
Muscle development in the late-term poultry embryo 
(chicken, turkey, duck) clearly contrasts with that in 
mammalian fetuses at corresponding stages, with their 
considerable increase in muscle mass (Swatland, 1973).

Factors Possibly Triggering Muscle Atrophy

Atrophy of skeletal muscle is usually a debilitating 
response to malnourishment (Ebert et al., 2010), dis-
use (Nagano et al., 2008; Levine et al., 2011), cancer 
(Burckart et al., 2010), or other systemic diseases (Price 
et al., 2010; Sishi et al., 2011). Its induction is associ-
ated with increased protein degradation and suppressed 
or inhibited protein synthesis, leading to net muscle 
mobilization or wastage. The capacity to mobilize pro-
tein from skeletal muscle is an important resource of 
amino acids, playing a role during fasting and in some 
diseases. In the catabolic state, protein from atrophy-
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ing muscle is mobilized primarily by activating signal-
ing of the ubiquitin-proteasome pathway (Mitch and 
Goldberg, 1996; Lecker et al., 2006) to provide energy 
via gluconeogenesis and essential amino acids for the 
synthesis of acute proteins in splanchnic tissues (Nair 
et al., 1995). Mobilization of muscle protein is therefore 
an adaptive response that enables provision of critical 
energy and protein precursors in catabolic states.

Generally, muscle atrophy is not common in the de-
veloping mammalian fetus, but long-term maternal 
nutrient restriction alters the developmental profile of 
muscle in the offspring (Zhu et al., 2004, 2006; Fahey 
et al., 2005; Daniel et al., 2007), suggesting that nu-
tritional support, along with genetics, contributes to 
the developmental characteristics of muscle in the fe-
tus. Similarly, the remaining yolk sac appears to be 
inadequate in meeting the full nutritional requirement 
of very mature avian embryos with their hatching ac-
tivities (Uni et al., 2005; Kornasio et al., 2011). In this 
regard, it is likely that the development of pectoralis 
muscle, with 90% type-IIB fibers (Wiskus et al., 1976), 
may be vulnerable to the nutritional status of late-term 
avian embryos.

Glucose-Derived Energy Deficiency

The phosphorylation status of the AMP-activated 
kinase protein, a key sensor of cellular energy status, 
was enhanced in the pectoralis muscle of late-term duck 
embryos (Chen et al., 2012), which indicates energy 
deficiency because AMP-activated kinase protein is 
phosphorylated and activated by a low adenosine tri-
phosphate/adenosine diphosphate ratio (Xiao et al., 
2011). This change may reflect an energy crisis induced 
by restricted oxygen availability and increasing somatic 
activity with the approach or progress of hatching. Al-
though lipids, mostly in the yolk, are the main energy 
source during incubation (as reviewed in De Oliveira et 
al., 2008), there is increased anaerobic glycolysis dur-
ing the hatching process, because oxygen availability 
is limited (as reviewed in Moran, 2007; De Oliveira et 
al., 2013). Some tissues, especially the pipping muscle 
that is most active at this time, exclusively use gly-
colysis from glucose provided from glycogen reserves; a 
high demand for glucose occurs at this time. Increased 
plasma concentrations of glucose, and therefore net glu-
cose output from other tissues (liver, muscle, yolk sac), 

Figure 1. Scheme illustrating the major signaling pathways that control fiber size (adapted from Sandri et al., 2008). Dotted lines depict 
pathways whose molecular mechanisms and role in skeletal muscle have yet to be completely defined. PI3K, phosphatidylinositol-3 kinase; mTOR, 
mammalian target of rapamycin; mTORC, mTOR complex; Akt, protein kinase B; S6K1, p70 S6 kinase-1; 4EBP1, 4E binding protein 1; FoxO, 
group O family of forkhead transcription factors; ActRIIB, activin receptor; DGC, dystrophin glycoprotein complex; IKK, inhibitor of nuclear 
transcription factor κB kinase; NFκB, nuclear factor kappa B; MuRF1, muscle ring factor-1; PGC1α, peroxisome proliferator-activated receptor 
γ coactivator-1 α; NO, nitric oxide; nNOS, neuronal nitric oxide synthase; AMPK, AMP activated kinase; SR, sarcoplasmic reticulum. Color 
version available in the online PDF.
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becomes necessary and is critical for energy shuttling 
and the very survival of the hatching embryo (Lu et 
al., 2007; Chen et al., 2010; Yadgary and Uni, 2012). 
Embryos, at this time, use their energy reserves, gly-
cogen in particular, as the fuel for hatching activities 
(Christensen et al., 2001; Uni et al., 2005) and to pro-
liferate lymphocytes (Rudrappa and Humphrey, 2007). 
These physiological demands for glucose during this vi-
tal transition cannot be met from yolk reserves (<1% 
remaining), necessitating increased gluconeogenesis 
(Foye et al., 2007; Moran, 2007) and mobilization of 
stored glycogen from liver and pectoral muscle (Vieira 
and Moran, 1999; Zhai et al., 2011). In this case, the 
glycolytic energy was balanced under the coordination 
of increased activity of gluconeogeneic enzymes (Foye 
et al., 2007; Moran, 2007).

The energy deficiency experienced by the hatching 
avian embryo triggers the signaling pathway, leading to 
muscle atrophy. Further supporting this hypothesis was 
the demonstration that supplying exogenous glucose 
substrate to late-term turkey embryos spares mobiliza-
tion from the pectoral muscle (Uni et al., 2005). An 
additional burden during the final period of the incu-
bation stems from the rapid development of the small 
intestine (Uni et al., 2003) with increased need for the 
amino acid glutamine, the main energy substrate for 
proliferating enterocytes (van der Schoor et al., 2010); 
pectoral muscle is driven to mobilize protein to provide 
endogenous glutamine, accounting for 90% of the re-
lease to blood (as reviewed in Newsholme, 2001).

Hormonal Factors
Hormones also play a potential role in affecting skel-

etal muscle in late-term avian embryos. During the fi-
nal stage of avian embryos, there are increased plasma 
triiodothyronine (T3) and thyroxin (T4) levels (Pies-
tun et al., 2009a; Willemsen et al., 2010), as well as in-
creased insulin concentrations (Lu et al., 2007). These 
increased hormones seem to be able to promote the 
hypertrophy of myofibers. However, circulating levels 
of IGF-1 (mainly the extrahepatic origin, Serrano et 
al., 1990; Kikuchi et al., 1991; Burnside and Cogburn, 
1992; McMurtry et al., 1997) as well as gene expression 
in pectoral muscle are steadily decreased toward hatch 
(McMurtry et al., 1998; Guernec et al., 2003; Lu et al., 
2007). The IGF-1 is shown to be an important anabolic 
growth factor stimulating hypertrophy of myofibers in 
both avian species (Stitt et al., 2004; Liu et al., 2012) 
and mammals (Shavlakadze et al., 2010). In part, IGF-
1 stimulates growth of myofibers by suppressing expres-
sion of Atrogin-1 and activating the phosphatidylinosi-
tol 3-kinase (PI3K)–Akt pathway, whereas inhibition to 
this pathway increased expression of Atrogin-1 and pro-
teolysis (Sacheck et al., 2004). The reduction in circu-
lating IGF-1 in late-term embryos would be expected to 
remove suppression to protein breakdown and enhance 
mobilization of the muscle. Additionally, lack of IGF-1 

secretion has been demonstrated to impair the insulin 
sensitivity in skeletal muscle, an important activator 
of the protein synthesis signaling pathway (Yakar et 
al., 2001). Possible involvement of other hormones and 
growth factors in late-term avian embryos, for example 
a catabolic role for increasing concentrations of gluco-
corticoids at this time, cannot be dismissed in account-
ing for the atrophic changes described above.

SPECIFICITY OF CHANGES  
IN THE PECTORAL MUSCLE DURING  

LATE-TERM INCUBATION

Selective Atrophy in Type II Pectoral Muscle
It is of great interest to determine if the growth dy-

namics of biceps femoris and semimembranosus muscle 
contrast to that already described in pectoralis. The 
biceps femoris and semimembranosus consist mainly of 
type-I fibers and display hypertrophy toward to the end 
of incubation, as reflected by dramatically increased 
diameter of the myofibers from 15E (Stojanović et al., 
2009) or 16E (Henry and Burke, 1998) to hatching in 
chickens. This differential growth of biceps femoris and 
semimembranosus occurs despite the glucose deficit or 
the decreased circulating concentrations of IGF-1, al-
ready noted. It might be suggested that there is selec-
tive mobilization of muscle with predominantly type-
IIB myofibers during the late incubation period of the 
avian embryo. In the relevant medical literature, type-II 
muscle fibers are more susceptible to atrophy than are 
type-I fibers in muscle denervation (Bakou et al., 1996), 
osteoporosis (Terracciano et al., 2013), chronic heart 
failure (Li et al., 2007), and obstructive pulmonary 
disease (Gosker et al., 2002). The content of satellite 
cells is also specifically reduced in the atrophied type-II 
muscle fiber (Verdijk et al., 2007). It seems, therefore, 
that type-I fibers are resistant to atrophy-inducing fac-
tors and that type-II fibers are preferentially affected.

It remains a puzzle why muscle atrophy predominant-
ly involves glycolytic, type-II myofibers and typically 
spares the oxidative, type-I fibers in a range of con-
ditions. Type-I fibers contain more mitochondria and 
have higher rates of oxidative metabolism compared 
with fast-twitch type-II fibers, especially the type-IIB 
fibers, which have relatively few mitochondria and are 
predominately glycolytic. The 2 types of fibers show 
differential functional and structural responses to exer-
cise-training and energy metabolism through a calcium-
induced and nuclear-signaling pathway (Pearen et al., 
2012). For type-IIB fibers, there may be more oxidative 
stress because mitochondrial production and leakage of 
free radicals is 2- to 3-fold higher than in type-I fibers, 
while also possessing lower H2O2-scavenging capacity 
(Anderson and Neufer, 2006). In contrast, compared 
with type-II fibers, type-I fibers possess an intact anti-
oxidant system that could protect the myofibers from 
oxidative stress (Yu et al., 2008). A novel Fyn/STAT3/
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Vps34 signaling pathway was recently demonstrated to 
be responsible for fiber-type-specific regulation of mac-
roautophagy and atrophy in muscle (Yamada et al., 
2012). Activation of this signaling pathway primarily 
involves the glycolytic fibers with little effect on oxida-
tive muscle fibers, giving some insight into the selective 
atrophy noted in type-II fibers. The relative preserva-
tion of type-I fiber size is advantageous because energy 
expenditure per unit tension developed is slowest in 
slow-twitch fibers (Henriksson, 1990). Oxidative myo-
fibers possess an intact antioxidant system, mediated 
by NO signaling and transcription system (Yu et al., 
2008) that serves to protect the myofibers from oxida-
tive stress. Additional protection against atrophy exists 
in slow-twitch type-I fibers such as peroxisome prolifer-
ator-activated receptor γ coactivator-1 α (PGC-1α), 
examples of transcriptional coactivators. With high ex-
pression in type-I fibers, PGC-1α controls mitochon-
drial biogenesis in muscle (Rowe et al., 2012) and me-
diates fiber type switching and determination (Lin et 
al., 2002; Arany et al., 2007). Activation of PGC-1α 
promotes cellular defense of antioxidant (Geng et al., 
2011) and reduces FoxO3-dependent transcription of 
Atrogin-1 and muscle atrophy, indicating its involve-
ment in resistance to muscle atrophy (Sandri et al., 
2006).

The Declined Mitotic Ability of Satellite Cells 
in Late-Term Muscle Atrophy

The growth and repair of skeletal muscle postnatally 
are enabled primarily by proliferation of mononucle-
ated satellite cells, located between the basal lamina 
and sarcolemma of the myofibers (Kuang et al., 2007). 
Hyperplasia of satellite cells is crucial for muscle repair 
and myonuclear accretion (Kawano et al., 2008) and 
underlie hypertrophy of the postnatal myofiber (as re-
viewed in Yablonka-Reuveni, 2011) because that satel-
lite cells are capable of fusing into existing or forming 
new muscle fibers (Starkey et al., 2011). Proliferation 
and differentiation of satellite cells are affected by an 
array of intrinsic and extrinsic factors including nutri-
tion (Halevy et al., 2000, 2003; Moore et al., 2005b), 
IGF-1 (McFarland et al., 1993), transforming growth 
factor-β (TGF-β; Li et al., 2006), myostatin (Leshem 
et al., 2000; McFarland et al., 2006), hepatocyte growth 
factor (Zeng et al., 2002), fibroblast growth factors 
(FGF; Velleman et al., 2008), and estradiol (McFar-
land et al., 2013).

The decreased numbers of satellite cells and their de-
clined activation is commonly encountered in various 
models of muscle atrophy (Mitchell and Pavlath, 2004; 
Zhang et al., 2010; Morgan and Zammit, 2010; Verdijk 
et al., 2012). The dysfunction of satellite cells in at-
rophied muscle may lead to a delay in the repair and 
subsequent regrowth of muscle. Similarly, the prolifera-
tive activity and number of satellite cells in the pectoral 
muscle decreased with the age of late-term avian em-

bryos (Henry and Burke, 1998; Piestun et al., 2009b). 
But the mitotic activity of satellite cells was enhanced 
at the day of hatch (Moore et al., 2005a). The increased 
proliferation of satellite cells at this time more likely is 
in preparation for the dramatic hypertrophy that oc-
curs posthatch, when exogenous feed becomes available 
(Remignon et al., 1995; Chen et al., 2012). In contrast 
to this situation, there is a delayed recovery of muscle 
mass in other models of muscle atrophy (Lang et al., 
2012). An interesting study with eared grebes (Podiceps 
nigricolllis) that spend several months at Mono Lake, 
California, during spring migration showed atrophy of 
the flight muscle in birds that become flightless during 
this period. In late autumn, when feed supply declines, 
the birds engage in conspicuous flapping and the flight 
muscles are rebuilt to full size before the birds emi-
grate (Gaunt et al., 1990). Given the previous analysis 
in this review, it appears that selective enhancement 
of the muscle atrophy signaling pathway in late-term 
avian embryos is an adaptive response and does not 
reflect anything dysfunctional or pathological. The 
pectorals play no critical life-support role immediately 
upon hatching, they have mainly type-II myofibers and 
readily undergo atrophy that is subsequently reversible. 
The pectorals serve as a source of glucose and amino 
acids from osmotically favorable storage forms as gly-
cogen and protein, and they support the higher priority 
needs of other tissues at this time of transition from 
embryonic to posthatch life.

Manipulation of Muscle Dynamics
Muscle development in embryos, to a large extent, 

predetermines its postnatal growth. Given the specific 
characteristics of muscle growth, development and turn-
over in the final stage of incubation, discussed above, 
there is interest in the opportunities for modifying this 
normal process of atrophy to potentially promote mus-
cle growth of poultry both pre-and posthatching.

In Ovo Feeding
Uni et al. (2005) established methodology for pro-

viding nutrients and other regulatory materials to the 
amniotic fluid in late-term avian embryos, also called 
in ovo feeding (IOF). Administration of exogenous sug-
ar and amino acids (glutamine and arginine) via IOF 
of late-term poultry embryos improves energy status 
(Chen et al., 2010) and offsets muscle loss (Uni et al., 
2005). Administration of carbohydrates and β-hydroxy-
β-methylbutyrate-calcium increased hepatic content of 
glycogen in late-term embryos and protected liver gly-
cogen from the severe depletion caused by a 36-h fast 
immediately after hatching (Kornasio et al., 2011). As a 
consequence of improved energy status from IOF, there 
was enhanced growth of myofibers in the embryos and 
it was sustained to d 35 (Kornasio et al., 2011), indicat-
ing a long-term supportive effect on posthatch muscle 
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growth. Considering the stimulatory role of glucose in 
regulating IGF-1 and insulin secretion (Martinez et al., 
2006), the exogenous carbohydrate probably downreg-
ulates the ubiquitin pathway (Figure 2, unpublished 
data in our laboratory) and enhances muscle hyper-
trophy (Mikura et al., 2009). Exogenous carbohydrate, 
provided by IOF, enhanced the proliferation of myo-
blasts at 19E in chick embryos, and this effect was pro-
nounced, especially in the birds receiving early feeding 
(6 h posthatch, feeding) and remained the high even as 
myoblast proliferation declined (Kornasio et al., 2011).

Muscle regulators are prospective candidates for 
modulating muscle development in avian embryos us-
ing in ovo treatment. Injection of exogenous TGF-β1, 
an extracellular matrix factor (as reviewed in Velleman, 
2007), at 3E significantly reduced the weight of pecto-
ralis major muscle at 1 wk posthatch and decreased the 
number of myofibers in the early posthatch days, prob-
ably through altering development of the perimysium 
in the embryos (Li and Velleman, 2009). Additionally, 
IOF of IGF-1 to late-term duck embryos, for example, 
promoted hypertrophy of muscle fibers in embryos and 
neonates through activation of satellite cells (Liu et al., 
2012).

Of course, embryos can be stressed by in ovo injec-
tion procedures. This is particularly obvious in duck 
embryos because of their greater sensitivity to incu-
bation humidity. Additionally, osmotic considerations 
when administering different substances, are important 
in influencing the survival of embryos (Ferket et al., 
2005). At present, possible species specificity and sub-
stances used for in ovo injection must be given serious 
consideration if this method is to be applied to practi-
cal production.

ENVIRONMENTAL MANIPULATION

Light
The light spectrum affects growth performance of 

birds. Chickens selected for growth that were reared 
under blue or green fluorescent lamps had significantly 
higher BW than birds reared under red or white light 
(Wabeck and Skoglund, 1974). Embryonic development 
is also affected by in ovo illumination. Under regular 
conditions in hatcheries, eggs are incubated in dark-
ness. Early studies indicate that white-illumination 
accelerates embryonic development of several avian 
species and continuous photostimulation during incu-
bation augments embryonic development and acceler-
ates hatching in birds (Coleman and McDaniel, 1976). 
When fertile eggs received monochromatic green light 
from 5E until hatching, relative growth of the pectoral 
muscle was enhanced throughout the incubation period 
and was sustained to 42-d market age (Rozenboim et 
al., 2004). This positive effect seems muscle-specific, 
considering that the positive effect of green-light stimu-
lation on muscle growth preceded its effect on BW in 

the embryos and was evident at almost all days of incu-
bation (Rozenboim et al., 2004).

The transition from fetal- to adult-type myoblasts, 
normally occurring in late stages of chicken embryo-
genesis, is initiated earlier in embryos subjected to in 
ovo green-light illumination. It has been suggested that 
this stimulatory effect on posthatch muscle growth was 
probably due to enhanced proliferation of adult-type 
myoblasts and myofiber synchronization (Halevy et al., 
2006a; Liu et al., 2010). Green light enhanced expres-
sion of pax7 and myogenin, which occurs sequentially 
only in activated satellite cells (Yablonka-Reuveni and 
Paterson, 2001; Allouh et al., 2008) and are considered 
to be early markers of myogenesis during posthatch 
muscle growth (Seale et al., 2000; Halevy et al., 2004; 
Oustanina et al., 2004). The available evidence indi-
cates that exposure of eggs to green light during embry-
onesis affected both pre- and posthatch muscle growth 
by promoting proliferation of satellite cells. It has been 
suggested (Halevy et al., 2006a) that monochromatic 
green light penetrates the eggshell and has an indirect 
stimulatory effect on muscle in the embryos via the 
endocrine system. There is higher expression of growth 
hormone receptor in satellite cells and higher circulat-
ing concentrations of IGF-1 in green-light-illuminated 
chicks (Halevy et al., 1998; Liu et al., 2010).

Thermal Regulation
Incubation temperature is an important factor influ-

encing embryo development, survival, and posthatch 
performance (Lourens et al., 2005). Thermal manip-
ulation (TM) of chick embryos at critical phases of 
the development of various functional systems resulted 
in short-term (e.g., changed embryonic energy me-
tabolism) (Willemsen et al., 2011) or long-term effects 

Figure 2. Changes in the Atrogin-1 mRNA expression in the pec-
toralis muscle following in ovo injection of DS (1.2 mL/egg) to duck 
embryos of 23 d of incubation. DS, disaccharides (consisting of 25 g of 
maltose/L, 25 g of sucrose/L, and 5 g of NaCl/L); 25E, 25 d of incuba-
tion. Values are means ± SE (n = 6). Asterisks indicate a significant 
difference from uninjected control ducks (*P < 0.05, **P < 0.01).
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(e.g., improved thermoregulatory function; Yahav et 
al., 2004; Piestun et al., 2009a). Treatment using TM 
of late-term embryos has the greatest effect on muscle 
growth. An increase of 1.7°C from normal conditions 
for 3 or 6 h daily from 16E to 18E promoted hyper-
trophy of muscle fibers at d 13 and 35 of age (Piestun 
et al., 2009b). The enhanced muscle growth following 
late-term embryonic TM is due to immediate, as well as 
long-lasting, effects on proliferation and differentiation 
of myogenic cells and subsequent hypertrophy (Piestun 
et al., 2009b).

The effects of TM on postnatal muscle growth are 
differential concerning the varied TM procedure. In-
termittent TM (39.5°C for 12 h per day) from E7 to 
E16 increased the breast muscle weight in both male 
and female broilers at 70 d posthatch (Piestun et al., 
2013a). Short-term TM (E0 to E5) increased the rela-
tive breast muscle weight in the female broilers of 35 
d of age but had no effect in male broilers (Piestun et 
al., 2013b). Similarly, TM on E16 to E18, using 3 h at 
39.5°C, increased the relative weight of pectoralis in 
female broilers at 42 d of age but exerted no effect in 
male broiler (Collin et al., 2007). This indicates that 
combinations of the timing and duration of the manip-
ulation are critical for processes that underlie muscle 
growth regulation in avian species (as reviewed in Ha-
levy et al., 2006b).

Because the avian embryos exhibit neuronal hypo-
thalamic thermosensitivity (Tzschentke and Basta, 
2002; Tzschentke, 2007), varied incubation temperature 
may lead to significant and long-term alternation in the 
postnatal behavior (Tzschentke and Plagemann, 2006) 
of the endocrine system (Loh et al., 2004). Increased 
incubation temperature during early or late-term em-
bryonic period caused significant changes in plasma 
concentrations of thyroid hormone (Yahav et al., 2004; 
Piestun et al., 2009a) and IGF-1 level in the muscle 
(Halevy et al., 2001; Piestun et al., 2009b). Additional-
ly, thermal regulation was reported to affect long-term 
thermosensitivity of neurons in the preoptic anterior 
hypothalamus (Loh et al., 2004). It is reasonable to 
speculate that TM may influence muscle hypertrophy 
or attenuate atrophy signaling pathway via an endo-
crine mechanism.

Strain or breed differences were shown to exist in 
the response to early TM (Al-Musawi et al., 2012). In 
layers, raising incubation temperature from 37.5°C to 
38.5°C between 4E and 7E increased hypertrophy of the 
gastrocnemius muscle, increased numbers of fibers and 
nuclei and the nuclei:fiber ratio at 18E, preceded by 
increased hindlimb expression of Myf5 (5E-8E), Pax7 
(5E-10E), bone morphogenesis protein-4 (BMP4; 6E-
9E), and IGF-1 mRNA (18E; Al-Musawi et al., 2012). 
In broilers, however, the same TM led to reduced cross-
sectional area of the gastrocnemius with fewer fibers 
and nuclei without change in the nuclei:fiber ratio; peak 
expression of Myf5 was delayed, that of Pax7 increased 
(5E, 7–10E), as did BMP4 (6–8E), but transcription 
of IGF-1 was reduced (8–10E; Al-Musawi et al., 2012).

CONCLUSIONS

Collectively, selective mobilization (atrophy) was en-
hanced specifically in type-II rather than type-I muscle 
fibers during the final stage of incubation. Though se-
lective atrophy is reversible in neonates, the recovery 
of atrophied muscle would be delayed in the newly 
hatched birds that have no immediate access to feed or 
water in today’s commercial hatchery, resulting in im-
paired growth potential of muscle (Halevy et al., 2000). 
While the precise mechanisms mediating response to 
manipulation of light, temperature, and nutrition dur-
ing incubation are still uncertain, these environmental 
and nutritional treatments during embryonic develop-
ment or in the early posthatch period deserve much 
further study. Clearly, the ease with which they can be 
applied and their noninvasive nature means that they 
can be readily transferred to practical application once 
their benefits in enhancing muscle growth are firmly 
established.
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