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Abstract 
Nineteen fungal strains were isolated from a chicken slaughterhouse effluent and within those, 
only one showed high values of lipolytic activity in submerged cultures. This fungus was identified 
as Trametes hirsuta. The crude extract was immobilized in chitosan/clay beads, with an immobi-
lization yield of 80.9%. The analyses of the crude extract and the immobilized derivative at dif-
ferent temperatures, pH (s), solvents, metallic ions and storage showed that the immobilization 
process increased the enzyme life span. Ethyl esters were obtained in solvent free systems using 
chicken viscera oil and the enzyme crude extract. For effective comparison, a reaction using vis-
cera oil and commercial lipase Novozym 435 was carried out. The result revealed 35% and 28% 
esters conversion in the reactions containing chicken viscera oil, using Novozym 435 and the 
crude extract respectively. The extract was also used in a reaction with soybean oil, traditionally 
used as starting substrate for biodiesel production. 
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1. Introduction 
The growing concern with the global environmental crisis associated with the use of fossil fuels, and spurred the 
search for new sources of energy. An interesting alternative to replace fossil fuels is biofuel. The term biofuel 
refers to liquid or gaseous fuel which is predominantly produced from biomass. Thus, biodiesel is a biofuel 
comprising a mixture of esters of fatty acids which can be obtained from vegetable oils or animal fats. The pro-
duction of this biofuel may be performed through a reaction or a transesterification reaction of esterification. 
The reaction most widely used for the production of biodiesel is the transesterification reaction because it pro-
vides one coproduct that has many applications in various industrial segments: glicerol. The enzymes generally 
used as catalysts of the transterification reactions are lipases [1]. 

Lipases (triacylglycerol acylhydrolase, EC 3.1.1.3) are hydrolytic enzymes that catalyze the hydrolysis of fats 
and oils to glycerol and free fatty acids at the oil-water interface. An important characteristic of lipases is their 
ability not only to hydrolyze ester bonds, transesterify triglycerides, resolve racemic mixtures but also to syn-
thesize ester bonds in nonaqueous media. These enzymes are widely used in hydrolysis, esterification, alcoholy-
sis and transterification catalysts, and are produced by micro-organisms, animals and plants [2]. Commercial li-
pases are, generally, from microbial sources, with fungi being able to produce the enzyme in a more intense and 
diversified way, with regard to enzyme properties and substrate specificity, facilitating its use in industrial 
process. Due to these characteristics, the search for new lipase sources has increased. However, like any other 
biocatalyst, lipases are subject to inactivation by several chemical, physical and biological factors, which makes 
its application in a larger scale difficult. One way to reduce this behavior is to immobilize the enzyme [3]. Im-
mobilized enzymes are defined as enzymes that are “physically confined or localized in a certain region with re-
tention of their catalytic activity, enzymes and that can be used several times”. Depending on the immobilization 
technique used, the enzyme properties such as stability, selectivity, values of Vmax, Km, enzymatic activity 
profile in different pHs and temperatures can be significantly altered [4]. There are several methods for enzyme 
immobilization based on physical and chemical mechanisms. Among the chemical immobilization methods 
there are: a) enzyme/support bond through ionic bond; b) enzyme/support bond through covalent bond; c) en-
zyme/support cross bond and d) enzyme/support bond achieved through multifunctional reactants. The multi-
functional reactants are molecules capable of bonding the enzyme in the support, for example, glutaraldehyde 
[5]. Several kinds of supports with both hydrophilic and hydrophobic characteristics have been studied for en-
zyme immobilization, including aerogels [6], resin [7], synthetic polymers [7]-[10], silica [11], nanoparticles [12] 
and biopolymers such as alginate, agarose and chitosan [12]-[14]. 

Chitosan is obtained through alkaline hydrolysis reaction of chitin, resulting in the biopolymer constituting 
predominantly of β (1 - 4)-linked N-acetylglucosamine) units, presenting in its chain 70% - 90% degree of dea-
cetylation [15]. The use of chitosan in the form of beads is required since it has the advantage of a better super-
ficial characterization, which allows the establishment of geometrical parameters for the reproducibility of the 
process and further comparisons, also the reactors packing optimization aspects and filtrating devices. Never-
theless, there are disadvantages, such as operational problems regarding the fact that the enzymes density value 
is very similar to water which can cause flotation. These characteristics limit several industrial processes but can 
be reduced when chitosan is mixed with solid materials that increase its density and mechanical resistance, this 
way makes its applications broadened [16]. Among the solid materials that can be used, clay displays outstand-
ing potential, according to the International Association of the Study of Clay and the Clay Minerals Society, it is 
readily present in nature and constitutes small dimensions minerals which generally exhibit plastic behavior with 
certain amounts of water and hardens after drying [17]. 

Hence, in this study, we reported the isolation of a wild fungal strain from chicken slaughterhouse with lipo-
lytic activity, the work further investigated the crude extract potential for posterior immobilization on chito-
san/clay beads, characterization of its biochemical properties as well as analysis for application in biodiesel 
production. 

2. Material and Methods 
2.1. Source of Microorganisms 
Microorganisms were isolated from a crude effluent of a chicken slaughterhouse located in the region of Flo-
rianópolis-Brazil. The effluent used had the following characteristics physico-chemical: pH 7.3, conductivity of 
887.9 μS/cm, orthophosphate of 13.2 mg/l, ammonia of 94.7 mg/l, chemical oxygen demand of 2799.4 mg/l, 
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biochemical oxygen demand of 4567.7 mg/l and oils and grease of 901.8 mg/l. 

2.2. Screening  
Microorganisms were isolated using spread plate method. To this, 0.1 ml of the effluent was spread over the 
surface of the solid culture medium with a Drigalski handle. The culture medium used, Sabouraud agar with 
Chloramphenicol at a pH of 5.5, was autoclaved at 121˚C for 15 min. The Sabouraud agar with Chlorampheni-
col was obtained from ACUMEDIA. The isolation steps were performed by successive inoculations of fungi in 
culture media to obtain more axenic selective cultures [18]. The screening of microorganisms with lipolytic ac-
tivity was carried out in a culture media constituted of (w/v): 2% bacteriological agar (VETEC), 0.05% anhydrous 
calcium chloride (DIFCO), 0.5% sodium chloride (DIFCO), 1% bacteriological peptone (DIFCO) and 1% 
Tween 80 (VETEC). This method allows detecting the strain that exhibit lipolytic activity by measuring the 
height of precipitate calcium laurate in test tubes [19]. The height precipitate produced by isolates was compara-
ble with the height produced by strains obtained from the Culture Collections of the Department of Food and 
Chemistry Engineering (Brazil) that are recognized for producing lipase. 

2.3. Identification of Fungi 
Based on the sequencing and phylogenetic analysis from gene fragments of the operon ribosomal, the fungus 
was identified [20]. The extracted genomic DNA was performed and amplification of the region ITS1-5.8S- 
ITS4 was based on PCR technology. The primers used for amplification of the ITS region were ITS-1 and ITS-4. 
The fragments were purified and submitted directly sequencing in automatic sequencer ABI3500 XL Series 
(Applied Biosystem). The phylogenetic analysis of partial sequences of the ITS region, was built on a combina-
tion of different obtained fragments and compared with the sequences from organisms represented in the Gen-
bank data base. The sequences were aligned using the CLUSTAL X program and phylogenetic analysis was 
performed using the MEGA 4.0 software [20]-[22]. The evolutionary distance matrices were calculated using 
the Kimura model [23] and the construction of the phylogenetic tree based on the evolutionary distances were 
made by Neighbor-Joining method [24] with bootstrap values calculated from 1000 re-sampling, using MEGA 
4.0 software. 

2.4. Preparation of the Crude Extract 
The fungal isolates were inoculated in Roux bottles of 1000 ml with 200 ml of potato dextrose agar medium for 
14 days at 25˚C. A 5 ml inoculum was used which  was obtained by adding 20 ml of 0.2% (v/v) Tween 80, 
followed by scraping the surface of the mold with the aid of a platinum loop and filtering gauze. The extracts 
were obtained by submerged cultivation in flasks of 250 ml, using a medium (previously optimized-data not 
shown) constituting of (w/v in wastewater): 3.41% of chicken viscera oil (obtained of a chicken slaughterhouse 
located in the region of Florianópolis-Brazil); 2% of Tween 80; 2% yeast extract (VETEC); 1% of NH4Cl 
(NUCLEAR); 0.1% of NaNO3 (DIFCO); 0.1% of KH2PO4 (NUCLEAR); 0.5% of peptone, pH 5.5, 0.25% olive 
oil (BUNGE), 0.05% of MgSO4 (NUCLEAR). The flasks were incubated at 25˚C, 100 rpm for 10 days, period 
of time for which it is possible to obtain high values of enzyme activity. The contents of the flask were filtered 
through gauze to remove the mycelium and centrifuged at 5000 rpm for 5 min. Ammonium sulfate was added to 
the supernatant at 40% of saturation. The extract was then maintained by stirring gently at 4˚C for 240 min. The 
supernatant was removed and the precipitate was resuspended in a minimal volume (approximately 2 ml) of 100 
mM phosphate buffer pH 7.0 [25]. 

2.5. Immobilization of Enzyme 

Immobilization of the concentrated crude extract was made in beads made of chitosan/clay. The beads were 
produced through the drip solution of 1 g of chitosan, 1 g of clay and 50 ml of acetic acid 1000 mM in 100 mM 
NaOH solution. The chitosan used had the following characteristics: average molar mass of 83.7 kDa, deacety-
lation degree of 72.4% and surface area of 4.9 m2/g. The smectite clay used was collected from city Palmeira- 
Brazil and activated with hydrochloric acid to pH 4.2 and humidity of 14.5% and surface area of 181.4 m2/g. 
The beads were activated with 3% glutaraldehyde (v/v in phosphate buffer pH 8.0) for 24 h. 
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2.6. Assay of Enzyme Activity 
The activity of crude extract and immobilized derivative was measured using 0.5 g of p-nitrophenyl palmitate 
(p-NPP) (SIGMA) dissolved in 100 ml of ethanol (VETEC) as substrate. The increase in absorbance at 410 nm 
caused by the release of p-nitrophenol in the hydrolysis of p-NPP was measured using a spectrophotometer. 
Crude extract of 0.1 ml (or 0.07 g immobilized extract) was added to a mixture of 1 ml 0.5% (w/v) p-NPP solu-
tion and 1 ml buffer Tris-HCl pH 7.0 (SOLARBIO). The system was incubated for 5 min at 30˚C. The reaction 
was terminated by adding 2 ml of 0.5 N Na2CO3 (VETEC) to the mixture followed by centrifugation (10,000 
rpm for 10 min). The supernatant (0.5 ml was diluted 10 times with deionized water and the absorbance at 410 
nm) was measured (UV-VIS Varian Cary 50 spectrophotometer). A molar extinction coefficient (ε 410) for 
p-nitrophenol of 15,000 M−1∙cm−1 was used. One unit (U) of lipase activity was defined as the amount of en-
zyme which catalyzed the production of 1 µmol p-nitrophenol per minute under the experimental conditions 
[26]. The total protein originally taken for immobilization and protein present in the supernatants (unbound pro-
tein) after immobilization were estimated by the method of Bradford using BSA as a standard [27]. To obtain 
the coupled protein percentage value and immobilization yield, calculus described in [28] was used. 

2.7. Effects of Temperature on Stability 
For thermal stability study, the immobilized enzyme and free enzyme was incubated at temperatures between 
30˚C and 70˚C for 60 min and relative activity was measured. The enzyme activity was analyzed as described 
above. Controls were performed with boiled enzyme. The relative enzyme activity was calculated as the ratio of 
enzyme activity after the incubation period and enzyme activity before the incubation period [29]. 

2.8. Effect of pH on Activity 
Activity experiments were done using the p-NPP method at 30˚C in experimental mixtures buffered to various 
pH values. The following buffers were used: tartrate pH 3.0; 4.0 and 5.0; phosphate pH 6.0, 7.0 and 8.0; 
Tris-HCl pH 9.0, 10.0 e 11.0 all at 100 mM. Controls were performed with boiled enzyme. The final results 
were presented in terms of relative enzyme activity determined between final enzyme activity (after 5 min incu-
bation with buffer solution) and initial enzyme activity (enzyme activity analyzed immediately after the addition 
of buffer solution).  

2.9. Stability in Organic Solvents 
A crude extract and immobilized extract was added to a mixture of 50% (v/v in buffer phosphate pH 7.0). The 
solvents tested were heptane, hexane, acetone, ethyl ether, methanol, ethanol and chloroform, all purchased from 
VETEC. The reactions occurring in Erlenmeyer flasks of 250 ml on an orbital shaker conditioned for 6 days at 
30˚C and 100 rpm. Aliquots of 1 ml were removed from each flask for enzyme activity analysis after 0, 2, 4 and 
6 days of incubation. Furthermore, the effect of 3% glutaraldehyde solution (v/v) on the enzymatic activity of 
the lipase was also verified under the same conditions described earlier. The results were expressed as relative 
enzyme activity, using as reference the initial enzyme activity without addition of solvent, in phosphate buffer 
[30]. 

2.10. Effect of Various Substances on Lipase Stability 
The immobilized enzymes were incubated with phosphate buffer pH 7.0, containing 1 mM of different sub-
stances: FeSO4, ZnSO4, NaCl, CaCl2, MnCl2, CuSO4 and EDTA. The time of incubation of systems consti-
tuted by enzyme and the substances cited above were for 30 min at 30˚C [31]. 

2.11. Effect of Storage on Lipase Activity 
The stability of the crude extract and immobilized extract enzymatic solution was measured by calculating the 
relative activity after ten days of storage. 0.1 ml free enzyme and 0.07 g immobilized enzyme was stored at 12˚C. 
Enzyme activity analysis was carried out after ten days. The results were presented in terms of relative enzyme 
activity determined between final enzyme activity, value obtained for enzyme activity after a 10 days incubation 
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at 12˚C, and the initial enzyme activity (enzymatic activity analyzed from the moment that the temperature 
reached 12˚C) [32]. 

2.12. Lipolytic Activity with Different Substrates 
The reaction media constitutes 1 g of substrate (Sunflower, Soybean, Castor, Olive and Chicken viscera oil), 0.3 
ml of Tween 80, 4 ml of phosphate buffer (100 mM), pH 7.0, 0.07 g of immobilized extract. Then, the system 
was stirred in orbital shaker for 30 min at 30˚C and 150 rpm. Aliquots of 8 ml were taken from the reaction me-
dia and added to a 50 ml Erlenmeyer flask containing 16 ml of acetone:ethanol 1:1. The activity was measured 
by titration of the free fatty acids with NaOH solution (50 mM) using 3 drops of phenolphthalein 1% as indica-
tor. One unit (U) of enzyme activity was defined as the amount of enzyme which catalyzed the production of 1 
µmol of fatty acid per minute under the experimental conditions [31]. 

2.13. Reusability of Immobilized Lipase 
The immobilized extract was placed in a test-tube to evaluate the enzyme activity using p-nitrophenyl palmitate. 
After 5 minutes at 30˚C, the beads were removed through a plastic sieve, washed with a phosphate buffer (100 
mM), pH 7.0 and put back into the reaction media using the same method. This procedure was repeated five 
times. 

2.14. Biodiesel Production 
The synthesis of ethylic esters was performed with the use of the crude extract from isolated fungus, Novozym 
435, soy oil and chicken viscera oil in 250 ml Erlenmeyers flasks. The chicken viscera oil has the following 
characteristics: saponification index of 126.42 mg KOH/g, density of 0.91 g/ml and acid index of 2.34%.  

Taking into account the average molecular weight of the oils used, it was possible to calculate the mass to be 
used in reactions to satisfy the molar ratio of 3:1 (alcohol/oil), 1.5 ml of the enzyme solution (Novozym 435 and 
crude extract) with enzymatic activity of 88.0 U/ml [33]. 

The experiments were carried out in an orbital shaker at 30˚C, 200 rpm for 24 h. The contents of the Erlen-
meyers flasks were added to a separation funnel [34]. A sample of approximately 1 g of the superior phase, that 
has the ethylic esters were analyzed through an Gas chromatography coupled mass spectrometry (CG-MS) Shi-
madzu, Model 2010, column-Restek-RTX Model-5MS. The analysis were performed using a heating ramp was 
started at 100˚C, with an increase of 8˚C per minute to 300˚C, obtaining a 10 minutes isotherm. The injector 
temperature was 280˚C and with a source interface ion 300˚C, flow divider (split) 1/50. The injection of 1 ml 
sample was taken in manual mode and the carrier gas used was nitrogen. Were used the following chromato-
graphic standards: ethyl laurate 99%, myristate acetate 99%, ethyl oleate 98% (ALDRICH), ethyl palmitate 99%, 
ethyl stearate 99% and ethyl linoleate 99% (SIGMA). The identification of chromatographic peaks was per-
formed by comparing with retention times of standards mentioned. The quantification of peaks was performed 
by normalizing areas. The concentration of each compound was obtained by the chromatograms, which were 
used to calculate the conversion reaction according to the chemical equation: 1 mol oil + 3 mols of ethanol → 3 
mols of ester + 1 mol of glycerol. To obtain the value of the maximum mass that can be obtained ester was used 
in Equation (1), where ne is the value related to the maximum number of moles of esters which can be obtained 
from the reaction (mol/l), no is the number of moles oil (mol/l).  

3ne = no∗ .                                          (1) 
To obtain the percentage conversion reaction in Equation 2 was used. Where X is the conversion reaction of 

ethyl esters, C is the mass ethyl ester (g), Me is the maximum mass of esters that can be obtained in the reaction 
between the oil and the ethanol (g) [35]. 

CX
Me

= .                                          (2) 

3. Results and Discussion 
3.1. Screening and Preparation of the Crude Extract 
From the slaughterhouse crude effluent was possible to isolate nineteen filamentous fungi strains which were 
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classified according to the height of calcium laurate precipitated that is related lipolytic activity from fungal iso-
lates. Through this method was possible to verify that, between the nineteen isolates, only one stood out for li-
pase activity as illustrated in Table 1. This strain was subjected to cultivation in liquid substrates for analysis of 
enzyme activity. After a10 day period, high values of enzyme activity of 43.5 U/ml was obtained. It was ob-
served that the highest enzyme activity values were obtained using a higher concentration of viscera oil, com-
pared to olive oil in the culture medium. This can be attributed to the fact that viscera oil has higher saturated 
fatty acids. The viscera oil has 30.3% of saturated fatty acids while olive oil has 20.0%, which indicates that the 
fungus utilized saturated fatty acids. This same behavior was observed by another author, who studied the pro-
duction of lipase produced by Geotrichum candidum and found that higher yields were obtained when used to 
induce the oil that has the greatest percentage of saturated fatty acids [36]. 

The numbers 1, 2 and 3 that following the parasentes represent proportions of precipitate formed. Based on 
the tubes with solid culture medium straight, was possible measured with a caliper the formation of the precipi-
tate. Therefore, the number 1 represents the formation of 1 to 2 cm precipitate. The number 2 represents the 
formation of 0.7 to 1 cm precipitate and the number 3 represents is the formation of 0 to 0.7 cm. 

 
Table 1. Screening of fungal strains lipase producers. The symbols (+++) (++) (+) and (−) represent very intense formation 
of precipitate, mean precipitate formation, little formation of precipitate and no precipitate formation, respectively.           

Strains tested Results for lipase production 

Monascus purpureus (CCT 3802) (+) 3 

Rhizopus oryzae (ATCC 9092) (+) 3 

Aspergillus niger (+ + +) 1 

Penicillium simplicissimum (CCT 6686) (+ +) 2 

Isolated 1 (−) 

Isolated 2 (−) 

Isolated 3 (−) 

Isolated 4 (−) 

Isolated 5 (−) 

Isolated 6 (−) 

Isolated 7 (+ +) 2 

Isolated 8 (+) 3 

Isolated 9 (−) 

Isolated 10 (−) 

Isolated 11 (−) 

Isolated 12 (−) 

Isolated 13 (−) 

Isolated 14 (−) 

Isolated 15 (−) 

Isolated 16 (−) 

Isolated 17 (+ +) 2 

Isolated 18 (−) 

Isolated 19 (−) 
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3.2. Identification of Fungi 
Fragments of the region ITS from sample was amplified with success. The DNA sequence obtained was ana-
lyzed with BLAST from GenBank and CBS (Centraalbureau voor Schimmecultures, Fungal Biodiversity Cen-
tre). The phylogenetic tree was built from sample and is illustrated in Figure 1. The sequence had 100% identity 
to Trametes hirsuta. Furthermore, a group formed was supported by a bootstrap of 76% with the sequence of the 
species mentioned in Figure 1. Thus, the sample was identified as Trametes hirsuta, which is a basidiomycete 
white-rot fungus (WRF) that promotes wood decay. The term “white-rot” refers to the wood material after se-
lective degradation of lignin, which leaves the white cellulose exposed. This fungus is traditionally known to 
produce enzymes that degrade lignin, also known as lacases [36]-[38]. Although this fungus has not been asso-
ciated with lipase production, it is known that fungi in general, can secrete certain enzymes when stimulated. 
The fact that the strain was grown in a medium containing high concentrations of fatty acids must have induced 
lipase production. 

3.3. Enzyme Immobilization 
In this step of the process, the lipase contained in the concentrated crude extract obtained by submerged culture 
of Trametes hirsuta was immobilized in the chitosan/clay solid support. The support beads were activated using 
glutaraldehyde and immobilization was performed by direct contact of the enzyme solution with the activated 
chitosan/clay beads [39]. The percentage of glutaraldehyde solution used to activate the beads is very important 
as it promotes modification in the spheres geometrical parameters, and is also associated with structural modifi-
cations in the enzyme after its activation. The glutaraldehyde molecules bond to the chitosan amine groups, 
creating an imine group (CH=N) and, through these groups, the enzyme bonds covalently to the support. However, 
excess glutaraldehyde molecules on the support’s surface may increase the numbers of bonds with the enzyme 
molecule, leading to a stiffening of the enzyme’s tridimensional structure and further loss of biological activity. 
It is also important to point out that activation of the chitosan/clay beads with glutaraldehyde was carried out in 
a media with alkaline pH to favor the imine groups’ formation [40]. The formation of such bonds occurs prefe-
rentially in alkaline pH, for, in this pH, the amine groups are deprotonated. For the immobilization process, be-
sides the beads activation, their contact with the enzyme solution, enzyme activity analysis and total proteins, 
both the beads and the supernatant were analyzed to verify if there were any modifications and if, in fact, the 
crude extract lipase was immobilized. The results revealed that, after 5 hours, 77.4% of coupled proteins and an 
immobilization yield of 80.9% were obtained.  

3.4. Effects of Temperature on Stability 
The thermal stability of enzymes is one of the important criteria for long-term and commercial application. The 
activity of immobilized enzyme is known to be more resistant against heat than the enzyme in its free state [41]. 
According to the results obtained as shown in Figure 2, the enzyme in the immobilized extract acquired a higher 
thermal stability when compared with the enzyme without a support. This difference was observed at tempera-
ture of 64˚C in which the immobilized enzyme was 20% more active than the unsupported enzyme at the same  

 

 
Figure 1. Phylogenetic tree illustrating relationships between the partial sequences of ribosomal genes 
from isolated fungi and sequences from strains contained in data base GenBank and CBS.               
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Figure 2. Influence of temperature on lipase activity. Activity was determined at pH 7.0 using 
p-NNP as substrate. The immobilized enzyme and free enzyme were incubated for 60 min at the 
indicated temperatures. Relative activity was assayed at 30˚C as described above. Relative activity 
is expressed as percentage of the ratio of the activity after the incubation period and activity be-
fore the incubation period determined at 30˚C under standard conditions.                    

 
temperature. At 70˚C the unsupported enzyme activity was 35% whereas the immobilized enzyme activity was 
50%. Similar behavior of thermal stability was observed in a study that illustrated the biochemical characteris-
tics of Rhizopus oryzae lipase before and after immobilization process [5]. It was also observed when pancreatic 
lipase was immobilized on the chitosan beads. In this case, the authors observed that the immobilized lipase ac-
quired a much higher thermostability compared to the free enzyme, as when they were incubated for two hours 
at 50˚C the immobilized enzyme had a relative activity of 80%, while with the free enzyme there was no activity 
[42]. This behavior is attributed to interactions between enzyme and support, which often results in a more rigid 
structure of the protein molecule, giving the globular conformation of the active biocatalyst higher stability to 
temperature [41]. 

3.5. Effect of pH on Activity  
Results obtained as shown in Figure 3, revealed that the immobilization process did not cause modifications in 
the enzymes optimum pH, since both enzyme forms presented relatively higher enzyme activity values at pH 7.0. 
The different enzyme forms exhibited distinctive values of enzyme activity from pH 4.0 to 9.0; however, in the 
pH zone of 3.0 and 10.0, the enzyme activity values of the two forms were much alike. The fact that pH 7.0 
promotes the maximum observed relative activity corroborates with many works quoted in literature that illu-
strate lipases to present their maximum values of enzyme activity at similar pHs [12] [29] [42]. 

3.6. Stability in Organic Solvents  
The stability in organic solvents is an important lipase characteristic and might determine the form in which the 
enzyme will be utilized, for example, as organic synthesis reaction catalyst. From the results illustrated in Fig-
ure 4(a), it was possible to observe that the solvents which led to higher decay of the enzyme activity were ethyl 
ether, ethanol and acetone. In fact, for these solvents, the enzyme immobilization meant no increase in its life 
span. A similar behavior was observed in other study, where the authors analyzed the enzyme activity from 
Rhizopus oryzae lipase in solvents with different polarities and noticed that Acetone led to a higher denaturation 
rate. This behavior occur due to the lipases low compatibility with hydrophilic solvents, though presenting high 
compatibility with hydrophobic solvents, since the hydrophobic solvents retain the enzymatic activity by not 
removing the water molecules of salvation from the enzyme’s surface [43]. 
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Figure 3. Effect of pH on the activity of the immobilized enzyme and free enzyme. The activity was assayed at various pH 
values using p-NNP as substrate. The following buffers were used: tartrate (pH 3.0 - 5.0), phosphate (pH 6.0 - 8.0), Tris-HCl 
(pH 9.0 - 11.0). The final results were presented in terms of relative enzyme activity as described above.                    

 

    
(a)                                                        (b) 

Figure 4. Effect of different solvents: (a) chloroform, hexane, heptane and (b) acetone, ethyl ether, ethanol, methanol on the 
activity of the immobilized enzyme and free enzyme. The solvents were tested in mixture of 50% (v/v in buffer phosphate 
pH 7.0) at 25˚C. The enzyme activity was assayed after 0, 2, 4 and 6 days of incubation with solvents. The results were ex-
pressed as relative enzyme activity, using as reference the initial enzyme activity without addition of solvent, in phosphate 
buffer. The open symbols represent the free enzyme and the closed symbols represent the immobilized enzyme.                                                                                                

 
By comparative analysis between hexane and heptane, which have similar values of log P, it was possible to 

verify that hexane gave more stability to the relative enzyme activity values, even though the initial enzyme ac-
tivity values with heptane as solvent were higher than with hexane. The initial enzyme activity with heptane was 
98% while hexane showed 91% enzyme activity, as illustrated in Figure 4(b). This behavior can be explained 
by the fact that hydrophobic solvents do not lower the activity and can also promote enzymatic activation, since 
they do not remove water molecules from the enzyme’s surface and can interact with the enzyme maintaining 
the hydrophobic lid open [44]. On the other hand, this argument cannot be applied to all situations, since, in 
some enzymes, the lid is not necessarily related to the interfacial activation [45]. 

3.7. Effect of Various Substances on Lipase Stability 
Salts bring about several effects on proteins properties, including activity, conformational stability and solubility. 
Such effects possibly appear due to ionic bonds to specific protein sites, changing its hydration level [46]. The 
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results obtained for the effect of different ions on the stability of the enzyme obtained in this work are shown in 
Figure 5. In this work it was possible to verify the effect of enzyme activation when it is exposed to Fe2+, Zn2+, 
Ca2+ and Cu2+. This effect was observed by other authors that found high values for enzyme activity after inser-
tion of salts [42] [46]. These features can be associated with structural changes of the enzyme and to the fact that 
the salts increase the dispersion of enzyme molecules, facilitating mass transfer during the reaction. Other au-
thors [42] observed increase in enzyme activity with the same salts used in this work. However, when there was 
an increase in the concentration of salts it was observed that there was a decrease in enzyme activity due to the 
fact that the salt covered the enzyme surface and hindered their contact with the substrate [46]. Furthermore, the 
EDTA showed an enzymatic inhibitory behavior indicating the importance of the presence of some of those ions 
for the enzyme activity. This inhibitory effect of the EDTA was also observed in the work by [47] on characte-
rization of lipases from Burkholderia multivorans [48]. 

3.8. Effect of Storage on Lipase Activity 
It was observed that the dried immobilized enzyme was the one that exhibited the highest relative enzyme activity 
of 123% when compared to the same enzyme in its free form stored at 12˚C, which showed activity of 77%. The 
results corroborate with the work of [41] that illustrates the study of stability in storage of lipase in its free form 
and immobilized in chitosan beads, and shows that the lipase in its free form lost all its activity after 2 days of 
storage at 30˚C. On the other hand, when the same lipase was immobilized in chitosan beads and stored at the 
same temperature, the complete loss of its activity occurred 4 days after the storage and, when stored without 
water, the loss occurred only after 8 days of storage [42]. These data showed that the immobilized enzyme 
stored without any liquids was more stable than the immobilized enzyme stored with water, which indicates that, 
in aqueous media, the enzyme liberates its support and then denatures. 

3.9. Lipolytic Activity with Different Substrates  
From the data presented in Table 2 it was observed that higher enzyme activities were obtained using, firstly, 
soybean oil and, secondly, sunflower oil as substrates. The behavior observed can be attributed to the fact that 
the linoleic acid chain, abundant fatty acids in the soy and sunflower oil, was very adequate for the enzyme 
active site size and shape. Different substrates bind to the active site of the enzyme, releasing different amounts 
of energy. This energy is required to promote the necessary changes on the active site and make the most effi-
cient catalyst. In general, substrates with small carbon chains have ability to release small amount of energy to 
modify the conformation of the lipase. However, substrates with long carbon chains release higher quantities of 
energy and promote conformational changes more desirable for the reaction [4]. 

 

 
Figure 5. Effects of different substances on the activity of the immobilized enzyme which was 
incubated with phosphate buffer pH 7.0, containing 1 mM of different substances at 30˚C for 30 
min. Assays were performed in triplicate and mean values were reported.                         
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Table 2. Effect of different substrates on the hydrolysis activity of the immobilized enzyme. Assays were performed in trip-
licate and mean values were reported.                                                                        

Substrates Hydrolysis activity (U/ml) 

Soybean oil 361 ± 4.2 

Castor oil 89 ± 2.8 

Olive oil 129 ± 3.4 

Sunflower oil 158 ± 2.7 

Viscera oil 137 ± 1.9 

 
One gramme (1 g) of substrates was incubated with 0.3 ml of Tween 80, 4 ml phosphate buffer pH 7.0 and 

0.07 g of immobilized enzyme, at 30˚C, agitation of 150 rpm for 30 min. Samples of 8 ml were taken and added 
in a Erlenmeyer flask containing 16 ml of acetone: ethanol 1:1. The activity was measured by titration of the 
free fatty acids with NaOH solution (50 mM) using 3 drops of phenolphthalein 1% as indicator. One unit (U) of 
enzyme activity was defined as the amount of enzyme which catalyzed the production of 1 µmol of fatty acid 
per minute under the experimental condition. Experiments were performed in triplicate and mean values are re-
ported. 

3.10. Reusability of Immobilized Enzyme 
It was shown that the relative enzyme activity of the immobilized enzyme decayed over its use for hydrolysis 
reaction using p-NNP as substrate. This behavior was more expressive after the fourth cycle. After five cycles, 
the relative enzyme activity was 55%. This behavior indicates that the immobilization process resulted in an in-
creased stability for the enzyme. The phenomenon observed can be explained by the fact that there is a possible 
release of enzyme molecules which eventually become physically bound to the support [42]. 

3.11. Biodiesel Production  
This experiment was performed to verify the potential application of the Trametes hirsuta lipase in the produc-
tion of ethylic esters under specific conditions. The results were compared with a biocatalyst frequently used in 
several published studies: Novozym 435 [48]-[51]. Chicken viscera oil was the substrate used in this experiment. 
To perform comparative study widely used starting material, soybean oil was used in the reaction. Ethylic alco-
hol was the chosen solvent. The experimental conditions for biodiesel production were temperature of 30˚C for 
24 hours. This temperature was chosen after the characterization of the immobilized enzyme had shown that the 
enzyme showed higher activity at 30˚C. Although many studies have used different experimental conditions for 
enzyme transterification reaction, generally, the reaction time did not exceed 24 h. In the enzyme transterifica-
tion, the longer the reaction is carried out, the bigger the conversion rate will be, however a period of 24 h was 
used for this study. The results obtained revealed that the experiments using soybean oil with the commercial li-
pase and with the immobilized enzyme led to the higher values of ester conversion: 90% and 54%, respectively. 
The least values were obtained with systems consisting of chicken viscera oil and commercial lipase and chick-
en viscera oil and immobilized enzyme, which led to activities of 35% and 28%, respectively. The behavior ob-
served might be related to the fact that the chicken viscera oil presents different characteristics from the soybean 
oil, such as the presence of phospholipids, salts, metallic ions and other substances that may affect the final yield. 
Nevertheless, it is important to highlight that lipase from Trametes hirsuta showed potential in the production of 
ethylic esters. The optimization of variables that affect directly the transterification reaction such as, water con-
tent, molar ratio alcohol-oil, temperature, enzyme concentration and the use of co-solvents will be the future 
steps in order to obtain better results for these systems.  

4. Conclusion 
It is possible to isolate a filamentous fungus from chicken slaughterhouse effluent, which is capable of produc-
ing copious amounts of lipase. This fungus was identified as Trametes hirsuta. Using submerged culture of the 
isolate, enzyme activity of 43.51 U/mL was achieved. The crude extract was immobilized in chitosan/clay beads. 
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After 5 h incubation of the concentrated crude extract with the chitosan/clay beads activated with 3% (v/v) of 
glutaraldehyde, an immobilization yield of 80% was obtained. The crude extract enzyme characterization was 
performed both in the free and immobilized form. The results showed that the immobilization process allowed 
the increase of enzyme life span in different temperatures, pH(s), solvents, metallic ions and storage. The expe-
riments performed to obtain biodiesel and revealed that reasonable values for ester conversion were obtained, 
thus indicating that the wild lipase and the viscera oil were highly promising substrates for biodiesel production. 
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