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Abstract

The effect of lipid oxidation on water permeability of phosphatidylcholine membranes was
investigated by means of both scattering stopped flow experiments and atomistic molecular
dynamics simulations. Formation of water pores followed by a significant enhancement of water
permeability was observed. The molecules of oxidized phospholipids facilitate pore formation
and subsequently stabilize water in the membrane interior. A wide range of oxidation ratio, from
15 to 100 mol%, was considered. The degree of oxidation was found to strongly influence the
time needed for the opening of a pore. The oxidation ratio of 75 mol% was found to be a
threshold for spontaneous pore formation in the tens of nanosecond timescale, whereas 15 mol%
of oxidation led to significant water permeation in the timescale of seconds. Once a pore was
formed, the water permeability was found to be virtually independent on the oxidation ratio.

1. Introduction
Phospholipid bilayers are basic components of the majority of cellular membranes. Their
principal role is to form a semipermeable barrier which separates the interior of a cell from the
environment. Due to the amphiphilic character of phospholipid molecules the interior of the
bilayer is hydrophobic while the membrane–water interface is predominantly occupied by
hydrophilic polar headgroups of lipid molecules. The hydrophobic properties of the membrane
interior result in low permeability of water, ions, and other polar molecules across the bilayer. As
a consequence, the cross-membrane transport of polar moieties is usually an activated process
which requires assistance of specialized protein-based transporters or ion channels.1 However,
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the unassisted transport of polar groups (ions, polypeptides, and lipids) was reported in various
experiments,2-4 and was recently a subject of several computational studies.5-7 According to the
molecular dynamics (MD) simulations, the unassisted transport is usually accompanied by
formation of trans-membrane water pores.7 Each water pore creates a localized polar
environment in the membrane interior and thus facilitates the transport of hydrophilic species
across the bilayer. Under typical conditions, formation of pores is a rare event and the membrane
interior is highly dehydrated, as confirmed by recent neutron diffraction experiments.8
Nevertheless, permeation of water and creation of pores can be enhanced in several ways. For
example, as shown both experimentally9 and in MD simulations,10 the presence of electric field
acting across a bilayer enhances the probability of pore creation. A special case of this
phenomenon is formation of pores due to concentration gradients of ions on both sides of a
bilayer.5 Mechanical factors, for instance, osmotic stress, are also known to promote pore
formation.10 Similarly, a presence of some surfactants facilitates creation of pores.6
Oxidation of phospholipid molecules in the membrane is another factor which can facilitate
creation of pores.11 This phenomenon seems to be particularly important from the physiological
point of view. Cell membranes are composed of both saturated and unsaturated lipids. The
presence of double bonds, typically in the cis-configuration, is responsible for reduced melting
temperature and increased fluidity with respect to a fully-saturated bilayer. At the same time, the
double bonds in the acyl chains of unsaturated phospholipids are prone to oxidative processes; in
particular to a non-specific oxidation caused by reactive oxygen species.12 These reactions
usually cause the cleavage of unsaturated acyl chains and introduce polar moieties at their
terminals.13 The modified chains reorient in such a way that the polar groups are transferred from
the hydrophobic interior of the bilayer toward the headgroups, or even to the water phase.14, 15
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The structural changes influence the hydration of a bilayer. According to MD simulations,
oxidation results in both the membrane thickening and the increase of the area per lipid;
moreover, the free energy of water transfer across the bilayer is reduced.16 Indeed, fluorescence
spectroscopy experiments indicate that hydration of oxidized bilayers at the glycerol level is
enhanced.17 More interestingly, recent studies suggest that oxidation may cause creation of
transmembrane pores. This was shown by means of neutron scattering18 and fluorescence
spectroscopy;19 and was further confirmed in our previous MD study.11
In the present work we investigate the effect of lipid oxidation on the water permeability of
phospholipid membranes built of phosphatidylcholine (PC) lipids employing both scattering
stopped flow experiments and MD simulations. In particular, we focus on the influence of the
extent of oxidation on water permeation, and on the process of pores formation. In the stopped
flow experiments we measure the efflux of water from phospholipid eggPC vesicles containing
various amounts of oxidized lipids. This is accompanied by MD simulations of model oxidized
PC membranes in which we aim at assessing the threshold for opening of pores, and the role of
oxidized lipids in this process.

2. Experimental methods
2.1 Chemicals and liposome preparation
Oxidized lipid, POVPC, (1-palmitoyl-2-(5'-oxo-valeroyl)-sn-glycero-3-phosphocholine) ,
eggPC (egg phosphatidylcholine) as well as DOPC (18:1 (Δ9-Cis) PC, 1,2-dioleoyl-sn-glycero3-phosphocholine) were purchased from Avanti Lipids (Netherlands, Amsterdam) and were of
analytical grade. Experiments were carried out in distilled water (conductivity 2µS). In order to
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generate the osmotic pressure difference the water solution of KCl (POCH, Poland, 99.99%) was
used. Liposomes were prepared by the extrusion method, described in details elsewhere
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. In

short, the appropriate amounts of lipids dissolved in chloroform were mixed together and the
organic solvent was removed under the stream of nitrogen. To remove the remnants of the
solvent the initially obtained dry lipid film was left overnight under vacuum. Next, the obtained
lipid film was hydrated with distilled water and the resulting multilamellar vesicles solution was
then extruder through 100 nm polycarbonate membrane filters (Whatmann, NanoPore). The size
distributions of such liposome solution were analyzed using the dynamic light scattering
technique (Malvern, England).
2.2 Scattering Stopped Flow experiments
The kinetics of osmotically-induced water flow was measured by means of stopped-flow
technique, where the light scattering as a function of time was recorded at the angle of 90° to the
incident light. The wavelength of the incident beam was set to 405 nm. The instrument
(BioLogic, Grenoble France) was equipped with a xenon-mercury lamp, a monochromator with
the 0.5 nm slit, and a quartz flow cuvette of 15 mm optical path length. The liposome suspension
in water (~ 0 mOsm) was mixed with the potassium chloride solution of different osmolality (30,
100, or 300 mOsm) in a 1 to 1 volume ratio, producing the desired osmotic pressure across the
liposome membrane (15, 50, or 150 mOsm).
2.3 Experimental design
In order to measure the water efflux we applied a modified stopped-flow approach, similar to
presented by Mathai et. al
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, where the water flow under the different (15-150 mOsm)

hypertonic conditions is evaluated. To study thoroughly the effect of the osmotic pressure
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difference on the membrane permeability we have simplified the experimental system in such a
way that the water flux was directed out of the vesicle and the intra-vesicle osmotic pressure was
chosen to be zero so there is no intra-vesicle concentration buildup. Consequently, the osmotic
pressure difference should remain constant regardless on the volume of the intra-vesicle aqueous
phase. This ensures the constant water flow through the lipid bilayer, assuming that the surface
area of the membrane will not change. In such case the water flow should follow the simple
relation22 :
dV
P
(1)

Vw Adt
RT

where A represents the vesicle surface area, P membrane permeability, V w the molar volume of
water, and πt the osmotic pressure difference across the vesicle membrane. According to this
equation the water flux should remain constant and consequently the observed kinetic should
have a form of a straight line with the slope proportional to the salt concentration outside the
vesicle and to the membrane permeability coefficient. Examples of experimentally determined
kinetics collected for a series of osmotic pressure differences for vesicles formed from egg-PC
are presented in Fig. 1. Curves presented show that for all employed osmotic pressure differences
the intensity of light scattering is not a linear function of time as predicted by the Equation 1,
however the numerical values of slopes correlate with the osmotic pressure differences. The
leveling of curve observed for longer times is likely a result of the balance between the
membrane thermal fluctuations and/or its mechanical resilience to deformation at the condition
when a large fraction of entrapped water already have flown out of vesicles. When curves are
analyzed in short times, for all osmotic pressure differences the initial decrease of the scattered
light intensity is followed by the interval where the light scattering rises linearly with time.
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Finally, at longer times, curves change their character and monotonically approach levels of their
final values of scattered light intensities. The complex shape of the kinetic curve reveals different
states in the lipid membrane system, induced by the water outflow. To study quantitatively the
effect of various extrinsic (osmotic pressure difference) and intrinsic (lipid bilayer composition)
factors on the shape of the scattered light kinetics the curve was arbitrary sectioned into three
distinct stages, as illustrated in Fig. 2. These stages were then parameterized so the quantitative
comparison of different membranes would be possible. We postulate that during the initial stage
(I) transient water filled trans-membrane pores are formed but there are not yet open. They will
facilitate the subsequent water flow in the stage II. The probability of a pore opening should
correlate with the reciprocal of the time t0 (Fig. 2) and should depend on both intrinsic (lipid
molecules composition) 21, 23-26 and extrinsic (electroporation or osmotic pressure difference 27-29)
factors.
3. Computational methods
Classical molecular dynamics simulations were performed employing the united atom
Berger’s force-field30 for lipid molecules combined with the SPC potential31 for water.
Parameters for the aldehyde group of oxidized lipids were taken from Ref.16 A previously
equilibrated (>100 ns) bilayer consisting of 128 molecules of 1,2-dioleoyl-sn-glycero-3phosphocholine (DOPC) lipid, 64 in each leaflet, was taken from our previous study.11 Oxidation
was performed by a cleavage of a given number (the same in each leaflet) of randomly chosen
DOPC lipids, with the cleavage site located at the position of the double bond in the sn-1 acyl
chain. The –CH2 groups at the cleavage site of both the lipid molecule and the remaining
hydrocarbon chain were exchanged with aldehyde groups. As a result, a pair of a molecule of
oxidized 1-(9’-oxo-nonanoyl)-2-oleoyl-sn-glycero-3-phosphocholine (OX1PC) accompanied
7

with a nonanal molecule was generated in the position of each oxidized DOPC molecule (see the
reaction scheme in Fig. 1S in the Supplementary Material). Seven bilayers, with oxidation ratios
in the range from 15 mol% to 90 mol% were considered (the exact composition of each system is
given in Table 1S in the Supplementary Material). The bilayer from our previous study with 100
mol% of oxidation was also considered for comparison.11 Each membrane was hydrated with
4810 molecules of water which resulted in the initial size of the simulation box of approximately
6.5×6.5×7.4 nm3. Number of water molecules was chosen in order to ensure full hydration of the
bilayer, with the water/lipid ratio well above the experimental value of 32.5.32 Each system was
simulated for at least 100 ns; the time-averaged properties were calculated over the last 20 ns of
the trajectories. Periodic boundary conditions were employed. Simulations were performed using
the isothermal-isobaric ensemble. The pressure of 1 bar was controlled employing the semiisotropic Parrinello-Rahman coupling scheme (coupling constant τp = 2 ps),33 and the NoseHoover thermostat was employed (τT = 1ps), separately for lipids and water, with the
temperature of 310 K. Non-bonding interactions were treated with a cutoff of 1 nm. The
Particle-Mesh-Ewald scheme,34 with a grid spacing of 0.12 nm and the fourth-order
interpolation, was employed to account for long-range electrostatic forces. Water molecules were
constrained employing the SETTLE algorithm,35 and the bonds of remaining molecules were
constrained with the LINCS scheme.36 Calculations were performed using GROMACS 4.0.7
(double precision) software suite.37

4. Results and Discussion
Stopped-flow experiments
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In the stopped-flow experiments the kinetics of water efflux from liposome were measured as a
function of the membrane composition in the presence of 15 mol% and 30 mol% oxidized lipids
(POVPC). The obtained kinetics showed two distinct time–separated processes reflecting
different membrane properties. As has been discussed in the “Experimental design” section, the
water flux through the lipid bilayer depends on two processes; the transient pore formation and
the subsequent water flow. Following the pore opening the vesicle volume changes in two
qualitatively different manners; the initial linear rise of the scattered light intensity followed by
the slower change when sample approaches the maximal signal value. The first process reflects
the osmotically induced water efflux, where the slope of the linear part of the kinetic is
proportional to the water membrane permeability and osmotic pressure difference according to
equation (1). As seen in Fig. 3 the presence of POVPC changes qualitatively the vesicle
shrinking kinetics. The water flux ( dV dt ) calculated from the initial rise of the light scattering
dependence on time as a function of the osmotic pressure difference is presented in Fig. 4. It can
be seen that the addition of the oxidized lipid increases water flux for all osmotic pressure
differences used showing that the lipid bilayer permeability for water increases. Specifically,
when the fraction of oxidized lipids in the membrane reaches 30 mol% the water permeability
increases noticeable (by about 15 %) (see Fig. 2S in the Supplementary Material). As postulated
earlier, the water flux, when the transmembrane pore is opened, depends only on the pore
stability and its capacity to maintain the water flow. The results presented in Fig. 4 demonstrate
the extended water flow at the presence of oxidized lipids. This is expected for lipids without or
with shortened acyl chain in the sn-2 position, which are known for stabilizing the
transmembrane pores.38 As mentioned before, the membrane water permeability is affected by
two factors; the probability of the opening of the hydrophilic pore and the extent of water flow
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through the existing pore. The probability of pore opening can be directly connected with
experimentally derived time t0.39 This is the time at which the linear increase of the scattered
light starts, which indicates the pore formation and the water flow. As evident from Fig. 5 for
each lipid bilayer the time t0 depends on the reciprocal of the osmotic pressure difference. The
dependence of the time t0 on the extent of oxidation is evident from Fig. 5; the time t0 as a
function of oxidation ratio was also depicted in Fig. 3S in the Supplementary Material. It can be
concluded that the content of the oxidized lipid influences the time t0 and the water flow through
an already opened pore in a somehow different way. Namely, 15 mol% of POVPC content has
already a strong effect on the pore opening probability, as evident from the difference between
the non-oxidized and the two oxidized membranes in Fig. 5 and S3. Further increase of oxidized
lipid content, from 15 to 30 mol%, has much smaller effect. On the other hand, the alterations of
water fluxes through already open pores are not so significant in the range of 0-15 mol% of
oxidation, as evident from Fig. 4 and 2S. The flux increases considerably only upon an increase
of oxidation content to 30 mol%.
The results obtained for eggPC lipids reveal the same characteristic as vesicles build of DOPC.
The water flux, as well as the t0 parameter behave in a similar way for both lipids (see Fig. 4S in
the Supplementary Material). This lack of major differences in behavior of eggPC and DOPC is
important since in the present study the molecular dynamics simulations were performed for
model DOPC bilayers.

Molecular dynamics simulations
A) Structural changes in membranes upon oxidation
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The presence of the products of lipid oxidation influences the structural properties of the
DOPC membrane. In Fig. 6 the values of both the area per lipid (APL) and the membrane
thickness upon equilibration are presented (for the time dependence of APL see Fig. 5S in the
Supplementary Material). It is evident that the APL increases with the increasing content of
oxidized lipids in the membrane. For the lowest oxidation level (15 mol%) a relatively small
increase of the APL occurs, to approximately 0.71 nm2, with regard to the value of 0.68 nm2, as
calculated for a pure-DOPC membrane in the previous study11. It should be noted, that the
corresponding experimental APL for the DOPC membrane40 equals to 0.721 nm2 at 303 K; the
small discrepancy between the experimental and the calculated value results from the
approximations introduced in the classical force-field. In the case of 50 mol% oxidation, the APL
increases and stabilizes at approximately 0.80 nm2 which is significantly above the value
calculated for the pure-POPC system. As the oxidation ratio increases above the value of 50%,
the observed changes in the membrane structure become more significant as the values of APL
rise above 0.80 nm2. The increased values of the APL in oxidized membranes were also
observed in previous computational studies of oxidized bilayers for both moderately15,

16

and

massively oxidized systems.11 The lateral swelling of the membrane is accompanied by the
decrease of membrane’s thickness. As evident from Fig. 6, the thickness of the membrane
decreases from approximately 3.6 nm for 15% of oxidation to the value of about 3.0 nm for the
oxidation ratio in a range of 50–66%. This is in accord with previous computational studies
regarding moderately oxidized lipid bilayers.16 In the case of the massively oxidized systems
(>66%), the thickness increases again, toward the values in a range of 3.2–3.4 nm. This increase
of the thickness is most probably caused by the swelling of the membrane due to the presence of
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water in the previously hydrophobic regions of the bilayer and by the resulting water permeation
across the membrane.
The structural changes across the membrane can be further analyzed by means of the
electron density profiles which are depicted in Fig. 7. In the initial stage of simulations (Fig. 7A)
minor differences between the simulated systems occur. Namely, as the oxidation ratio increases
the peaks of the electron density shrink and their maxima are shifted toward the membrane
interior. Moreover, the electron density in the membrane interior increases. In the final stages of
the trajectories (Fig. 7B) no significant changes with regard to the earlier stages of simulations
can be observed for the moderately oxidized systems. On the contrary, for strongly oxidized
membranes (>50 mol%) the changes are profound: the maxima of the density profiles are
diminished significantly, and the density in the membrane interior increases considerably when
compared to the beginning of the trajectories.
The visual analysis of the simulation boxes revealed that for the oxidation ratio in a range
of 15–66% the general structure of the membrane was maintained, and no significant penetration
of the bilayer by water was observed during simulation (results not shown). Water defects, in a
form of water clusters, were formed in the headgroup region; however, these defects had a
transient character. On the contrary, in the case of a high oxidation ratios (75–100%) the
penetration of water into the headgroup region of the bilayer occurred already in the initial stages
of each trajectory; relatively large water defects were formed, and water molecules were
stabilized in the polar region of the bilayer. In the later stages of simulations some of these water
defects formed trans-membrane pores filled with water. A representative example of such
process is depicted in Fig. 8. In the snapshot taken at 10 ns from the beginning of the simulation
the water defects in the headgroup region are present; these defects further evolve and form
12

trans-membrane which is apparent in the snapshot taken at 90 ns. The structural changes in the
membrane upon oxidation predicted in molcular simulations are in qualitative agreement with
experimental measurements, which show the increased water permeability of oxidized bilayers.

B) The mechanism of pore formation
Formation of relatively large water defects in the headgroup region is feasible due to
increased distances between the headgroups. As evident based on the increase of the area per
lipid (Fig. 6), an average inter-lipid distance increases upon oxidation. This behavior can be
further analyzed by means of radial distribution functions, g(r), calculated for phosphate atoms
of lipid headgroups. The radial distribution functions, for both initial and final stages of
simulations for selected systems are presented in Fig. 9. An extent of the changes occurring in
the headgroup–headgroup structure depends on the oxidation level. In the case of 15% of
oxidation only minor variations of g(r) are present. As the oxidation ratio increases, the changes
are more pronounced, and are apparent even in the initial stages of simulations, see Fig. 9A. The
values of the maxima of g(r) decrease with respect to the least oxidized system. Surprisingly, the
location of the maxima virtually does not vary as the oxidation rate grows; even though the area
per lipid increases under these conditions (compare with Fig. 6). This behavior can be
rationalized taking into account formation of water defects in the region of lipid headgroups. As
water penetrates and the defects are formed, the membrane swells, and the area per lipid
increases. However, the average distance between the headgroups is almost not changed, as the
peaks of g(r) are located at the same position. Hence, it indicates that some sort of separation
between water and headgroups takes place. Such separation occurs most likely due to formation
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of water cluster which can be views as “water islands” at the membrane’s surface. At the same
time, the regions outside of these water defects are occupied by lipids, and have the structure
mostly unchanged with the respect to the non-oxidized membrane. As simulation continues,
hydration of the headgroup region increases and induces further diminish of the maxima of g(r),
as presented in Fig. 9B.
On top of the abovementioned enhance of water penetration due to the non-specific
increase of the lipid-lipid distances there are specific factors which facilitate water defects and
which originate from the hydrophilic character of oxidation products. In the oxidized bilayer the
polar moieties, in our case the –CHO groups that terminate both the oxidized chain of ox-DOPC
molecules as well as the nonanal chains, are introduced in the originally hydrophobic membrane
interior. These groups are hydrophilic; hence, they tend to migrate toward the water phase.14, 15, 17
In the case of nonanal, the reorientation has a minor influence on the membrane properties, as
nonanal molecules are relatively small and are able to accommodate between the lipid molecules
upon reorientation. However, in the case of relatively large molecules of the oxidized lipid the
reorientation process is more complex. Firstly, only the oxidized chains reorient toward the water
phase, the non-oxidized purely hydrocarbon chains remain mostly in the original orientation.
This behavior is illustrated in Fig. 10, where the distribution of angles between the oxidized
chains of lipids and the membrane normal is presented. Results for both 50% and 75% oxidation
ratio are shown. In the former case the oxidized lipid chains do not reorient significantly in the
course of simulation; they point mostly toward the membrane interior (the angle distribution
concentrates between 0° and 90°). In the case of 75 mol% oxidation, the reorientation of
oxidized chains in the simulation timescale is evident; in the initial stages of the trajectory the
orientation towards the membrane interior dominates (the distribution between 0° and 90°),
14

whereas after ~90 ns a non-negligible fraction of oxidized chains points toward the water phase
(non-zero distribution between 90° and 180°). It should be stressed, that for the oxidation ratio of
75% this reorientation is not complete, i.e., most of the oxidized chains preserve their
“canonical” orientation and point toward the water phase after 100 ns of simulation. Moreover,
the chain reorientation is not complete even for a entirely oxidized bilayer, as shown in our
previous study.11 Note, that the non-oxidized chains of oxidized lipids do not undergo significant
reorientation; the angle distribution in their case is accumulated close to 0° (results not shown
here). The reorientation of oxidized lipid chains for moderately oxidized membranes was
previously reported in both theoretical and experimental studies.14, 16 Reorientation of oxidized
lipid chains has two consequences for water permeability. Firstly, it results in creation of voids
in the membrane which can be filled with water, as described in our previous work.17 Secondly,
as this reorientation is not complete, water has a tendency to penetrate toward the completely
reoriented –CHO groups. These both factors result in the increased hydration of the membrane,
followed in some cases by formation of water defects and pores.
The final stages of a representative pore formation process are illustrated in Fig. 8, as
well as in Fig. 6S in the Supporting Material. The water defects are formed in the vicinity of the
oxidized lipid molecule which has a reoriented oxidized chain. The polar –CHO moiety moves
toward the water phase and, at the same location, penetration of water molecules toward the
headgroup region is enhanced. Some of the water molecules bind even with the deeper-located
carbonyl groups of the oxidized molecule. It is well established that carbonyl groups in
phospholipid membranes are hydrated to a certain extent but the presence of extra polar groups
in oxidized membranes enhances the membrane’s hydration.17 Most of the observed water
defects were transient; however, some of them persisted in the timescale of tens of nanoseconds,
15

and subsequently formed water pores. The penetration of water molecules through the membrane
interior which follows the water defect is facilitated by the presence of not fully reoriented polar
–CHO groups. This is evident from the presence of –CHO groups at the surface of water pore, as
depicted in Fig. 6S. Thus the transmembrane pore is stabilized by molecules of the oxidized
lipid. The walls of the pore are formed by the headgroups of reoriented lipid molecules, as well
as polar –CHO groups. The atomistic-level description of pore formation is not accessible for the
osmotic pressure measurements employed in the present work. Nevertheless, the opening of
pores in oxidized membranes demonstrated in molecular dynamics simulations corroborates the
leakage results obtained in experimental part of this study.

C) The extent of water permeation
We observed that formation of pores is strongly dependent on the extent of membrane
oxidation; moreover, the form of the created pore varies. Namely, in the case of moderately
oxidized membranes (15–30% of oxidation) a weak penetration of water, in a form of single
water molecules diffusing across the bilayer, occurs. As oxidation ratio increases (55–66%),
water clusters, which are formed by few water molecules, are typically transferred across the
membrane. For larger extent of oxidation (66 mol%), we observed formation of transient chains
formed by hydrogen-bonded water molecules, spanning across the bilayer. Eventually, in the
case of the highest oxidation ratios (75–100 mol%) trans-membrane water pores were formed.
We quantitatively studied the membrane’s permeability and the transfer of water across the
bilayer by means of a number of water molecules crossing the membrane during simulation. The
corresponding results are presented in Fig. 11. Number of water molecules which crossed the
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center of the bilayer is reported. For membranes with the low oxidation ratio ≤66 mol% the
overall permeation is relatively low; the number of water molecules crossing the bilayer during
100 ns was between 9 and 43. As evident from Fig. 11A, water permeation across the bilayer in
these systems starts already in the initial stages of the trajectory, and no significant changes in
permeability with time occur. The character of water permeation changes significantly when
oxidation ratio increases (≥75 mol%); both quantitative and qualitative differences occur (see
Fig. 11B). Most importantly, the overall number of water molecules crossing the membrane is
higher by two orders of magnitude with respect to the less oxidized systems. Moreover,
permeability varies with time. In beginning of the trajectories, the permeation of water is
moderate because no pores are present in the membrane. Subsequently, the pore is formed; and
the time needed for opening of a pore varies with the oxidation ratio, from 3.0 to 9.2 ns for 75
mol% and 100 mol% of oxidation, respectively. As soon as a pore is open, extensive water
permeation occurs. In two cases (90 and 100% of oxidation) the initially-formed pore was
annihilated; however, a subsequent stable one was formed. In one case (75% of oxidation) the
initially-formed pore survived till the end of the simulation. The enhancement of water
permeability with increased level of oxidation is in accord with experimental results discussed
beforehand. Moreover, the lack of significant alternations of water flux across the already
opened pores was observed both in simulations and in experiments.

5. Discussion and conclusions
The present MD simulations allow us to make a specific distinction among the simulated
systems based on their properties with regard to the pure-DOPC bilayer. The considered bilayers
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can be divided into two groups: moderately oxidized (15–66 mol%), and massively oxidized
(75–100 mol%). In the case of the moderate oxidation the changes in bilayer’s properties were
similar to those previously described in the literature.15, 16 Namely, the reorientation of the polar
groups of the oxidized lipid molecules resulted in the increase of the average lipid-lipid lateral
distance. As a consequence, penetration of water molecules toward the region of headgroups was
increased, and water defects were formed. However, at the moderate oxidation levels, water
permeability across the bilayer was not significantly enhanced. As the oxidation ratio increases
to 75%, qualitative changes in the membrane are observed. In the timescale of tens of
nanoseconds trans-membrane water pores are created. Water permeation is moderate until the
opening of a pore; and a significant penetration of water across the membrane is observed upon
pore creation. Interestingly, the time needed for the opening of the pore is dependent on the
oxidation ratio; in contrast, the extent of water permeation across the pore is virtually
independent on the oxidation level. Some of the pores formed upon oxidation are transient in the
timescale of simulations as a pore closing and re-opening was observed. The influence of the
oxidized lipids on water permeability in the case of massively oxidized bilayers is two-fold.
Firstly, the structural changes due to reorientation of oxidized chains promote penetration of
water toward the membrane interior, which results in the opening of pores. Secondly, the
presence of polar groups, in both oxidized lipids and short-chain aldehyde molecules, stabilizes
the pore by hydrogen bonds formed between these groups and water in the membrane interior.
A comparison between the experimental and computational results is not straightforward due
to the different time- and size-scales studied employing both methods. In simulations only the
short timescales, up to hundreds of nanoseconds are accessible; however, the high oxidation can
be studied to facilitate the changes in the system. In experiments the high oxidation ratios are
18

inaccessible since the highly-oxidized vesicles become unstable in the experimental timescale.
Thus in the stopped flow experiments the permeation across the moderately oxidized membranes
of macroscopic vesicles was investigated under the osmotic pressure in the timescale of minutes.
In MD simulations, the microscopic bilayers were studied in the tens of nanoseconds timescales
in a wide range of oxidation ratios. Nevertheless, combination of both techniques allows us to
draw some general conclusions. Permeation of water across the studied phospholipid bilayers is
significantly enhanced upon introduction of oxidized lipids. This process is connected with the
opening of transmembrane pores. The time needed for the opening of a pore, although the
different timescales were studied, is significantly shortened as the oxidation level increases.
When pores are forms, not significant changes in the water permeation are observed.
The efficiency of transient pores formation in the lipid bilayers may have a far reaching
consequences wherever lipids play a permeability barrier functions. In biological systems, where
lipid bilayer is a basic structural element, the generation and maintenance of electrochemical
potentials gradients, for both water and membrane soluble compounds, relies on the lipid bilayer
integrity.41 Membrane barriers make possible the generation of intracellular ionic homeostasis
which depends, among other thing, on the efficient water flow, so any osmotic pressure
differences across biological membranes, generated as a result of various metabolic processes,
can be effectively eliminated.42-47 Transient pores in the lipid bilayer will facilitate sufficient
water flow in normal circumstances however, when drastic osmotic pressure differences are
present the continuous nonspecific pore opening will compromise the membrane barrier
functions as well as the lipid asymmetry.48-51 In such a case the water specific aquaporins are
present in large numbers so the amount of transient unspecific water pores can be reduced.52
Therefore, the elevated probability of transient pore formation due to intrinsic factor, i.e. lipid
19

oxidation, as shown in this paper, may affect the intracellular homeostasis and/or the energetic
requirements for their maintenance what will surely reduce the cell metabolic efficiency.45 The
effect of oxidized lipids on the membrane water permeability is also a critical factor in designing
lipid based targeted drug delivery systems. In this case the control of lipid oxidation is necessary,
not only for ensuring the stability of the chemical composition, but also maintaining the
physicochemical properties of the preparation. The biologically active compounds encapsulation
in lipid nano-capsules (liposomes) is a decisive factor affecting the drug targeting and extend of
the undesired side effects. 53-59
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Figure 1. Light scattering kinetics of Egg-PC liposomes exposed to various osmotic pressure
differences, collected shortly after vesicle suspension had been mixed with KCl solution. The straight
horizontal line was obtained at an iso-osmotic condition indicating the intensity level of the scattered light
when vesicles are invariant with time.
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Figure 2 The illustration of the vesicle shrinkage kinetics and their division into three sections (Panel
A); the decrease of a light scattering intensity (section I), its linear rise (section II) and the final part
where scattered light increase rate decreases (section III). The parameterization of liposome shrinkage
kinetics was achieved by selecting the average slope determined from section II and the duration of the
initial intensity decrease (t0) in section I (Panel B).

22

Figure 3. The kinetics of water efflux at 50 mOsm pressure difference for the following
liposome compositions: eggPC (curve 1), eggPC:POVPC (85:15) (curve 2) and eggPC:POVPC
(70:30) (curve 3). The shortening of the time required for a pore to open, at the presence of the
oxidized lipids, can be determined during the first 100 milliseconds. The normalized scattered
intensity is the ratio of the instantaneous measured scattered intensity to the maximum intensity
measured during a single kinetic trace.

23

Figure 4. The determined scattered light change in time as a function of the osmotic pressure
difference, indicating the water flux, for eggPC (), eggPC:POVPC (85:15) () and
eggPC:POVPC (70:30) (●) is demonstrated.

24

Figure 5. The initial time (t0), correlated with pore opening as the function of the osmotic
pressure difference, for eggPC (), eggPC:POVPC (85:15) () and eggPC:POVPC (70:30) (●)
is shown.

25

Figure 6. Average area per lipid and membrane thickness of the equilibrated membrane as a
function of the degree of oxidation. The trailing 20 ns of MD trajectories were used for
averaging, standard deviation is shown as errobars.

26

Figure 7. Density profiles for membranes with different degree of oxidation. The profiles
calculated in the initial (A), and final (B) 10-ns sections of the MD trajectories are shown.

27

Figure 8. Snapshots of the simulation box for the system with 75% of oxidation taken at the
initial (10 ns) and final (10 ns) stages of the MD trajectory. Side view (left column) and top view
(right column) of the simulation box are presented. For clarity, only the phosphate groups of
lipids are presented in the side view. Water molecules are removed from the top view. Color
coding in the side views: water molecules – blue, lipid headgroups – yellow; top views: DOPC
lipids – yellow, OX1PC – orange, nonanal – blue.

28

Figure 9. Radial distribution functions for phosphate–phosphate distances calculated in the
initial (A), and final (B) 10-ns sections of the MD trajectories.

29

Figure 10. Distribution of angles between the oxidized chain (defined as a vector connecting the
first carbon atom of the chain with the oxygen atom of the aldehyde group) and the normal to the
bilayer for oxidized lipid molecules at different levels of oxidation. The data for systems with
50% (upper panel) and 75% (bottom panel) of oxidized lipids are shown; three stages of the MD
simulations are presented. The angle of 0° corresponds to the orientation of a chain toward the
membrane interior, whereas the value of 180° represents the chains entirely reoriented towards
the water phase.

30

Figure. 11. Water permeation across the membrane (number of water molecules crossing the
bilayer center) as a function of simulation time for moderately (A) and massively (B) oxidized
membranes.

31
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