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Abstract

We describe how pathway engineering can be used to convert a single intermediate derived from lipid biosynthesis, fatty
aldehydes, into a variety of biofuel precursors including alkanes, free fatty acids and wax esters. In cyanobacteria, long-chain
acyl-ACPs can be reduced to fatty aldehydes, and then decarbonylated to alkanes. We discovered a cyanobacteria class-3
aldehyde-dehydrogenase, AldE, that was necessary and sufficient to instead oxidize fatty aldehyde precursors into fatty
acids. Overexpression of enzymes in this pathway resulted in production of 50 to 100 fold more fatty acids than alkanes, and
the fatty acids were secreted from the cell. Co-expression of acyl-ACP reductase, an alcohol-dehydrogenase and a wax-ester-
synthase resulted in a third fate for fatty aldehydes: conversion to wax esters, which accumulated as intracellular lipid
bodies. Conversion of acyl-ACP to fatty acids using endogenous cyanobacterial enzymes may allow biofuel production
without transgenesis.
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Introduction

As photoautotrophs with minimal nutrient requirements,

cyanobacteria offer an attractive platform for carbon-neutral

production of biofuel products [1]. The fatty acid biosynthesis

(FAS) pathway, which produces long-chain carbon intermediates

that are polymerized on acyl carrier protein (ACP) [2], holds

particular promise as a target for metabolic engineering of biofuel

precursors [3]. FAS is tightly regulated by feedback inhibition of at

least three enzymatic activities–acetyl CoA carboxylase (ACCase),

3-oxoacyl-ACP-synthase (FabH), enoyl-ACP reductase (FabI)–by

long chain acyl-ACP [2,4,5,6]. Therefore, efficient biofuel

production requires diversion of FAS-derived intermediates into

commercially important products without triggering such feedback

inhibition. One successful strategy has been overexpression of

thioesterase enzymes, which cleave acyl-ACP to yield ACP and

free fatty acid [7,8,9]. Overexpression of plant thioesterases in

Synechocystis sp. PCC 6803 results in a significant net accumulation

of free fatty acid [10]. Moreover, free fatty acids are excreted,

suggesting the possibility of a continual production-harvest system

[10].

As an alternative approach, in some organisms wax esters are

formed by the condensation of a fatty acid and a fatty alcohol, and

are stored internally as lipid bodies [11]. Exogenous expression of

the enzymes that catalyze this reaction–wax ester synthase/

diacylglycerol acyl transferases (WS/DGAT) [12]– in E. coli

promotes wax ester production [13], but has yet to be

demonstrated in cyanobacteria. In E. coli wax ester production

was facilitated by overexpression of fatty acyl-coA reductase (FAR;

[13]), which converts acyl-coA into a fatty alcohol [14,15,16].

Most or all cyanobacterial species appear not to produce acyl-

coA–evidenced by the lack of an obvious acyl-coA ligase homolog

and inability to incorporate exogenous fatty acids [17]–thus

engineering cyanobacteria to produce wax esters will require a

modified approach to what has been demonstrated in other

fermentative bacteria.

Alkanes are also attractive biofuels because of their minimal

downstream processing requirements. Certain species of cyano-

bacteria naturally produce alkanes via a unique two-enzyme

pathway that is encoded in a highly conserved operon [18,19].

The first enzyme in this pathway, acyl-ACP reductase (Aar),

catalyzes breakdown of acyl-ACP to a fatty aldehyde and ACP

[18]. An aldehyde decarbonylase (AD) then converts the aldehyde

intermediate into an alkane. Co-expression in E. coli of the

cyanobacterial enzymes derived from Synecchococcus elongatus PCC

7942 yields alkanes. However, most Aar-generated aldehydes are

not converted to alkanes, but to fatty alcohols by endogenous E.

coli alcohol dehydrogenases [18]. Competition with these enzymes,
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and intrinsic inefficiency of AD [20,21,22,23], may limit large-

scale production of alkanes. Nevertheless, the fatty aldehyde in this

pathway could serve as intermediate for other biofuel precursors

(Fig. 1), and most likely will not trigger feedback inhibition of FAS.

We have therefore explored photoautotrophic production in

cyanobacteria of diverse biofuel precursors from fatty aldehydes:

alkanes, fatty acids and wax esters.

Results

Increased Fatty Acid Production upon Aar
Overexpression

Aar-mediated fatty aldehyde production and downstream

conversion have not yet been characterized in cyanobacteria.

Therefore, we generated a strain of S. elongatus containing an

additional copy of Aar (encoded by orf1594) expressed from an

IPTG-inducible promoter (Methods; Table S1 in File S1). IPTG

induction resulted in 10–20 fold higher expression of aar transcript

24 hours post-induction relative to endogenous aar levels in a WT

strain (Fig. 2A). Induction of Aar had no significant effect on

population doubling times, compared to WT or uninduced strains

(Fig. 2B). However, Aar-induced cultures accumulated a white

precipitate, similar to fatty acids secreted by thioesterase-express-

ing strains ([10]; our observations). Analysis by thin layer

chromatography showed that Aar induction caused a large

increase in a band that co-migrated with palmitic acid (C16:0;

Fig. 2C) but not with hexadecanol, the predominant species that

accumulated in E. coli upon Aar induction [18]. By gas

chromatography (GC), Aar-induced samples contained a large

increase in a peak that co-eluted with a C16:0 standard. These

results demonstrated that Aar overexpression resulted in fatty acid

accumulation.

Quantitation of transesterifiable fatty acid methyl esters

(FAMES) from whole culture (i.e. cells and medium) demonstrated

that Aar induction increased FAMES production by an initial rate

of ,5 mg/OD*ml/day (Fig. 2D). Production continued for at least

5 days, at a declining rate. At 5 days post-induction, FAMES were

1.7-fold higher than WT or uninduced samples (Fig. 2D). This

increase was almost entirely from palmitic acid (Fig. 2E). The

increase in FAMES upon Aar overexpression implied fatty acid

production in excess over the amounts required for membrane

lipid biosynthesis. This redirection of metabolism occurs with

remarkably little toxicity, most likely because of the efficient

extracellular accumulation of free fatty acid from the cells. These

results have implications for the potential use of this system for

biofuel production.

We also quantified pentadecane and heptadecane in S. elongatus

produced by Aar induction (Figure S1 in File S1). Aar

overexpression increased pentadecane ,2-fold, but the overall

amount was substantially less than the free fatty acids produced. At

3 days post-induction total fatty acids were 13 mg/OD*mL higher

relative to an uninduced strain, whereas the levels of pentadecane

were only increased 0.1 ug/OD*mL. Heptadecane was not

significantly increased, consistent with Aar primarily utilizing

C16 acyl-ACP as a substrate. Thus S. elongatus preferentially

converted the acyl aldehyde intermediate produced by Aar to free

fatty acid rather than alkanes.

AldE, an Aldehyde Dehydrogenase Responsible for Fatty
Acid Production upon Aar Overexpression

The robust production of free fatty acids by Aar overexpresion

suggested the existence of an aldehyde dehydrogenase that would

oxidize the free fatty aldehyde intermediate (Fig. 1). We identified

a class 3 aldehyde dehydrogenase ortholog encoded by

synpcc7942_0489 (orf0489) in the S. elongatus PCC7942 genome.

Orthologues with high sequence identity (.50%) are present in

mammals, plants and bacteria, and some can reduce long chain

aliphatic aldehydes [24,25,26]. Clear homologues of orf0489 are

present in many species of cyanobacteria, with the highest

sequence identities reaching ,55%.

To determine whether orf0489 converted Aar-induced fatty

aldehydes to free fatty acids, we deleted orf0489 from WT and

Aar-inducible strains. Deletion of orf0489 in a WT background

had no significant effect on growth (Fig. 3A). However, induction

of Aar in the D0489 background resulted in cessation of growth

and a 2–3 log decrease in viability (measured as CFU/OD750) at

Figure 1. Alternative fates of the acyl aldehyde intermediate produced by Aar. Acyl-ACP reductase (Aar) converts the end-product of fatty
acid biosynthesis, acyl-ACP, into an acyl aldehyde. This intermediate can be converted into alkanes or free fatty acids by the endogenously encoded
aldehdye decarbonylase (AD) and AldE enzymes, respectively; or into wax esters by co-expression of alcohol dehydrogenase and wax ester synthase
(WS) transgenes. Previously described pathways in S. elongatus are in black; pathways described in this paper are in gray.
doi:10.1371/journal.pone.0058307.g001

Metabolic Engineering of Biofuels in Cyanobacteria
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Figure 2. Overexpression of Aar (encoded by orf1594) leads to increased free fatty acid production in S. elongatus PCC 7942. A. qPCR
analysis of aar expression levels. WT and IPTG-inducible Aar strains were grown as described in materials and methods, and induced with 1 mM IPTG
at t = 0. ‘‘I’’ indicates induction; ‘‘U’’ indicates uninduced. Total cellular RNA was obtained from all samples at 24 hour post-induction. RNA was
converted to cDNA and relative aar transcript levels were assessed by quantitative PCR. RNA input for each sample was normalized to rnpB, and aar
expression is presented as the fold change in expression compared to endogenous aar from a WT strain. The data is the average of 6 independent
experiments; error bars are the standard deviation. B. Growth curves of the indicated strains (log OD750 vs. time). The WT strain is the average of 6
independent experiments; Aar_U and Aar_I are the average of 10 independent experiments. Error bars are the standard deviations. C. 0.5 OD750-
equivalents from samples collected at 24, 48, 72 and 120 hours post-induction were separated by thin layer chromatography (TLC) using polar
solvent for the mobile phase. 10 mg of hexadecanol (HD) and 5 mg of palmitic acid (PA; C16:0 free fatty acid) were included as standards. MGDG:
monogalactosyldiacylglycerol; DGDG: digalactosyldiacylglycerol; PG: phosphatidylglycerol. D. Total fatty acid methyl esters (FAMES) assessed by GC.
Each timepoint is the average of three measurements; error bars are standard deviations. The numbers above the Aar_I bars indicate the fold-increase
of total FAMES compared to WT samples. E. Individual constituent FAMES were quantified. The observed increase in total FAMES is due almost
entirely to accumulation of C16:0 free fatty acids (solid black).
doi:10.1371/journal.pone.0058307.g002

Metabolic Engineering of Biofuels in Cyanobacteria
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48 hours post-induction (Fig. 3A, B). Further, the Aar/D0489

strain failed to accumulate palmitic acid (Fig. 3C, D), but did

accumulate hexadecanal (Fig. 3E), conclusively demostrating that

orf0489 was required for fatty aldehdye conversion to free fatty

acids. The lethality observed in the induced Aar/D0489 strain was

most likely caused by fatty aldehyde accumulation. We analyzed

samples on thin layer chromatography (TLC) using two different

solvents that differed in the degree of hydrophobicity (‘‘polar’’ and

‘‘non-polar’’, Fig. 3C and 3E). With both solvents, several

unidentified bands appeared in the induced Aar/D0489 strain in

addition to hexadecanal (Fig. 3C and 3E). One of these bands also

appeared in the D0489 strain (Fig. 3E). It was possible that this

molecule was the physiological substrate of orf0489, although its

accumulation did not seem to adversely affect growth of the D0489

strain. The identity of these bands is the subject of ongoing

investigations. These results established that orf0489 was required

for free fatty acid production induced by Aar overexpression, as

well as to mitigate toxicity caused by Aar. In accordance with

standard nomenclature, we have named orf0489 aldE.

We next expressed and affinity purified 6Xhis-tagged AldE from

E. coli in order to analyze its in vitro biochemical properties (Figure

S2 in File S1). The elution profile of purified h6-AldE on size-

exclusion chromatography was consistent with a dimer, as is the

case for other class 3 aldehyde dehydrogenases [27,28]. We tested

the ability of h6-AldE to convert aldehyde substrates (containing 4

to 16 carbons) to fatty acids (Methods; Table 1). h6-AldE

demonstrated the highest efficiency (i.e. kcat/Km) towards medium

chain aldehdyes (octanal, decanal and dodecyl aldehyde) but was

also able to utilize shorter and longer chain lengths; Kms ranged

from 10–50 mM. These enzymatic features were very similar to the

human class 3 aldehyde dehydrogenase [24,26]. The turnover of

h6-AldE ranged from ,450–800 min21 for various substrates. In

contrast, the maximum reported turnover for aldehyde decarbo-

nylase was ,18 min21 for heptanal [23]. These in vitro results

correlate with the preferential accumulation of fatty acids over

alkanes by induction of Aar in vivo. In sum, we showed that AldE

was both necessary (in vivo) and sufficient (in vitro) for the synthesis

of fatty acids from fatty aldehydes.

Aar Levels were Limiting for Fatty Acid Production
In order to test whether Aar levels were limiting for fatty acid

production, we created a strain expressing two copies of Aar

(‘‘Aar(2X)’’), with one copy each expressed from NS1 and NS2.

Strains expressing a single copy of Aar from these neutral sites (i.e.

Aar (NS1) and Aar (NS2)) had similar growth rates, Aar transcript

production (Fig. 4B) and FAMES production (Fig. 4C). The Aar

(2X) strain produced ,1.5-fold more Aar transcript than

corresponding strains containing either single copy of Aar

(Fig. 4B), with little change in abundance of endogenous AldE

transcript (Fig. 4B). Induction of Aar(2X) slowed growth (Fig. 4A),

and further increased fatty acid production: 5–10 mg/OD*mL/

day greater in the Aar(2X) than the Aar (1X) strains (Fig. 4C).

AldE overexpression (,30 fold higher than endogenous levels;

Fig. 4B) mostly rescued the Aar(2X) growth defect (Fig. 4A),

suggesting that induction of Aar(2X) produced fatty aldehydes in

amounts greater than could be converted to fatty acids by

endogenous AldE enzyme levels. However, despite improving

viability of Aar-overexpressors, AldE overexpression did not

significantly increase the rate of fatty acid production. This

suggested that relatively small amounts of fatty aldehydes were

responsible for the decreased viability caused by induction of

Aar(2X). The Aar(2X)/AldE double over-expressor thus exhibits

significantly increased total lipid production, without a notable

reduction in viability or growth rate.

Production of Wax Esters
Neutral lipids, including wax esters and triacylglycerols (TAG),

are potential biofuel precursors and naturally-occurring energy

storage compounds in some species of bacteria, plants and

eukaryotic algae. Cyanobacteria, however, do not naturally

accumulate either TAG or wax esters, and there are no reports

of pathway engineering being used to make these products. Wax

esters and TAG synthesis can be catalyzed by a prokaryotic

enzyme (WS/DGAT) that condenses long acyl chains with fatty

alcohols or diacyl glycerol (DAG) to form wax esters or TAG’s

[12]. The majority of activated fatty acid intermediates that could

be used for TAG and wax ester synthesis are thioesters linked to

either coenzyme A or ACP. acyl-CoA is predominantly utilized by

enzymes dedicated to energy production (e.g. by the ß-oxidation

pathway), or energy storage (e.g. neutral lipid synthesis). To date,

the metabolic engineering of neutral lipids in other bacterial

species has taken advantage of acyl-CoA specific enzymes (e.g.,

[13]). In cyanobacteria, most if not all fatty acid intermediates are

in the form of acyl-ACP, and are dedicated primarily to lipid

biosynthesis, lipid A formation and alkane production. It was

therefore unclear as to whether WS/DGAT could function in

cyanobacteria. We first tested whether WS/DGAT was active in

cyanobacteria by overexpressing WS/DGAT from Acinetobacter sp.

ADP1 (‘‘aDGAT’’ [12]) in S. elongatus. Overexpression of aDGAT

resulted in TAG formation (Fig. 5A, C).

Based on this observation, we asked whether we could take

advantage of Aar activity to engineer a pathway for the formation

of wax esters into S. elongatus: the aldehyde intermediate produced

by Aar could be further reduced to a fatty alcohol, which could

then be condensed with a second acyl-ACP by aDGAT to

generate a wax ester (Fig. 1). To test this, we co-expressed Aar with

both a long-chain alcohol dehydrogenase from Synechocystis sp PCC

6803 (slr1192 [29]) and aDGAT. This resulted in wax ester

production (Fig. 5A). A related alcohol dehydrogenase

(ACIAD3612 from A. bayli; 48% identity to slr1192) also produced

wax esters when coexpressed with Aar and aDGAT (Fig. 5; ‘‘triple

2’’). These strains also produced free fatty acids (Fig. 5B), as would

be expected due to endogenous AldE activity. In the wax ester-

producing strains no TAG was detectable, even though overex-

pression of aDGAT alone resulted in TAG formation (Fig. 5A).

These results indicated that: 1) the combined expression of Aar

and alcohol dehydrogenase must have resulted in the production

of the fatty alcohol substrate for aDGAT, although this was not

explicitly measured; and 2) the wax ester synthase activity of

aDGAT predominated over its diacylglycerol acyltransferase

activity, consistent with previously characterized substrate speci-

ficity of aDGAT [12].

Bacteria that naturally produce TAG- and wax esters accumu-

late lipid bodies [11]. In our engineered TAG and WE- producing

S. elongatus, we observed lipid bodies (Fig. 5C), frequently

associated with disrupted thylakoid membranes. Accumulation of

TAGs or wax esters resulted in loss of chlorophyll a within 24

hours, and a 4-log viability drop by 48 hours. This contrasted with

the full viability of the FFA-secreting Aar-overexpressors, probably

because FFA secretion prevented intracellular damage such as

thylakoid membrane disruption.

Discussion

Cyanobacteria have the potential to reduce demand for fossil

fuels because of their neutral carbon footprint, their ability to

produce numerous biofuel related products, and their facile

genetics [1]. Here we describe how fatty aldehydes shunted from

lipid biosynthesis by Aar can act as a multifunctional precursor for

Metabolic Engineering of Biofuels in Cyanobacteria
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the production of fatty acids and wax esters, in addition to alkanes

[18]. Alkane production in cyanobacteria occurs by the sequential

reduction and decarbonylation of acyl-ACP. Expression of the

cyanobacterial enzymes that carry out these reactions–Aar and

AD– in E. coli resulted in some alkane production (penta- and

heptadecane), but at far lower levels than other products, such as

hexadecanol [18]. In S. elongatus, Aar overexpression similarly

resulted in only a low level of alkane production (Figure S1 in File

S1), but rather than fatty alcohols, the major product was free fatty

acids, present at 50–100-fold the yield of alkanes. We identified the

endogenous aldehyde dehydrogenase - AldE (orf0489) - that

oxidizes the Aar-produced aldehyde intermediate. AldE is a class 3

aldehyde dehydrogenase, a widely represented family in eukary-

otes and prokaryotes [30]. Fatty acids offer a significant advantage

Figure 3. orf0489 is required for Aar-induced FFA production and to mitigate Aar toxicity. A. Growth curve of the indicated strains (log
OD750 vs time). For clarity, only cultures induced with IPTG are shown. There was no significant difference in growth rate in any of the uninduced
strains compared to WT. Values are the average +/2 SD of three independent experiments. B. Colony forming units per OD750 (CFU/OD750) of the
indicated strains were determined 48 h post-induction. WT is the average of five independent experiments; the remaining strains are the average of
three independent experiments. Error bars are the standard deviation. C. 0.5 OD750-equivalents from samples collected 24 and 48 hours post-
induction were resolved by TLC using polar solvents (described in Materials and Methods). PA: palmitic acid. D. Total FAMES 24 and 48 h post-
induction of the indicated strains. E. In a separate experiment from A-D, samples from biological triplicates were collected 24 h post-induction, and 1
OD750-equivalents were resolved on TLC using non-polar solvents (see Materials and Methods). A C16:0 fatty aldehyde standard (i.e. hexadecanal) was
included between lanes and on the flanking lanes.
doi:10.1371/journal.pone.0058307.g003
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as a biofuel precursor because they are excreted from the cell ([10],

our own observations) and can be continuously harvested, but up

to now their production has only been achieved by transgenic

overexpression of foreign acyl-ACP thioesterases [10]. Production

of free fatty acids by sequential action of Aar and AldE

demonstrated here is of particular interest because it operates

via endogenous cyanobacterial genes, and therefore may provide a

non-transgenic solution to algal biofuel production. Free fatty acid

production by Aar overexpression results in at least 80% the levels

we have routinely observed upon overexpression of plant

thioesterases in S. elongatus (data not shown).

Although endogenous AldE efficiently oxidizes hexadecanal

produced by overexpression of Aar to palmitic acid, this may not

be its physiological substrate. Consistent with this possibility, we

detected a relatively prominent band in the DAldE strain using

nonpolar solvents on TLC (Fig. 3E). In addition, h6-AldE had

higher specific activity in vitro against medium chain aldehydes

compared to long-chain aldehydes.

Homologs of AldE are widely represented in bacteria with

relatively high sequence similarity (40–50% at the amino acid

level). Only two of these–alkH from P. oleovorans (44% %

identity; [25]) and coniferyl aldehyde dehydrogenase from

Pseudomonas sp. strain HR199 (43% [28])–have been character-

ized, and likely have functions distinct from AldE. A clue to

AldE function could come from human and rat class 3 aldehyde

dehydrogenases, which share high sequence homology with

AldE (,50% identity) and have similar enzymatic profiles

[24,26,31,32]. These enzymes have been postulated to remove

toxic aldehyde intermediates that are breakdown products of

lipid peroxides, which are generated from oxidative damage to

polyunsaturated fatty acids (PUFA) [33]. The importance

eliminating toxic fatty aldehyde intermediates is underscored

by Sjogren-Larsson syndrome, a neurological syndrome that is

caused by a mutation in the human class 3 ALDH [34]. In A.

thaliana, expression of the ALD3H1 (40% identity to AldE)

conferred resistance to numerous stresses including peroxide

treatment, perhaps also pointing to a role in removing toxic

lipid peroxide products [33,35]. It should be noted that under

normal laboratory growth conditions, S. elongatus PCC 7942

contains very low levels of PUFA (the majority of its lipids are

C16:0 and C16:1, in nearly equivalent amounts); thus it is not

obvious that S. elongatus would generate significant amounts of

lipid peroxides, and hence aldehyde breakdown products. S.

elongatus and other species of cyanobacteria were recently shown

to encode acyl-ACP synthase (Aas), which converts free fatty

acids to acyl-ACP and has been proposed to be required for

free fatty acid recycling [17]. AldE may act in concert with Aas

in recycling membrane lipids.

We also explored the possibility of producing neutral lipids

(TAG and wax esters) in S. elongatus. Expression of the dual

function enzyme WS/DGAT alone resulted in TAG production.

To our knowledge this is the first demonstration that WS/DGAT

enzymes are active in cyanobacteria, and the first demonstration of

TAG production in cyanobacteria by any method. We then

induced wax ester formation by co-expressing three enzymes -

Aar, a long-chain alcohol dehydrogenase and WS/DGAT

(Figures 1 and 5). Production of either TAG or wax esters resulted

in lipid body formation, as has been seen in other organisms that

produce neutral lipids [11]. However, the generation of either

product resulted in toxicity, which could be caused by the lipid

bodies themselves, promiscuous substrate usage by the WS/

DGAT, or substrate depletion. Production of neutral lipids in

cyanobacteria as a source of biofuels will require engineering

around this toxicity.

Although photosynthetic microbes have appeal as potential

biofuel crops due to rapid generation times and high efficiencies of

photosynthesis, a natural microbial isolate might not initially be

suitable. Free-living microbes have evolved to maximize increase

of their genetic material through time. Any production of fats in

excess of that needed to maximize propagation of their genome is

evolutionary ‘wasted effort’. Nevertheless, in certain circumstances

algae or cyanobacteria store large amounts of carbohydrate or fat

as energy reserves, which led to the proposal that they could be

useful as biofuel crops [36]. However, accumulation of these

carbon stores is currently limited to nutrient-restricted regimes, for

use at a later time when nutrient availability is higher. This

regulatory aspect of fat storage has the paradoxical result that

maximum lipid accumulation actually occurs during rapid growth

in nutrient-replete conditions, even though storage lipid is

relatively low under these conditions - the accumulated fat is

simply a part of the minimal biomass (e.g. thylakoid and

cytoplasmic membranes) required for cell reproduction [36]. An

ideal biofuel crop, in contrast, would produce amounts of fat in

great excess over what is needed for cell reproduction, even under

nutrient-replete conditions. Thus, conversion of a natural isolate to

a biofuel crop requires a substantial redirection of carbon flow

from biomass to fuel precursors; in the case of Aar-overexpressors,

secreted free fatty acids. This requires engineering in opposition to

billions of years of natural selection.

If a free-living microbe is evolutionarily optimized for produc-

tion of new cells, then its most rapid potential rate of (carbon-

based) biofuel synthesis can be approximated by the rate of carbon

fixation into cellular biomass under ideal conditions. This is likely

to be near the maximum since biomass growth is close, though not

identical, to the property under direct natural selection. In our

standard conditions (see Methods) the maximum rate of S. elongatus

biomass accumulation is in the range of 0.3–0.6 grams dry weight/

liter/day. Approximately 50% of this biomass is carbon, and

therefore the estimated maximum conversion rate of fixed carbon

into biofuels is 0.15–0.3 grams/liter/day. This could scale to a

theoretical maximum of ten to twenty thousand gallons oil/acre/

year in a production setting if 100% of fixed carbon were captured

as a fatty biofuel precursor. This calculation, which emerges from

straightforward biological considerations and empirical observa-

tions of cyanobacteria growth rates, closely approximates optima

derived by thermodynamic analysis of photosynthetic efficiencies

and other theoretical considerations [37].

An informative benchmark is our Aar-expressing S. elongatus

strain. It secretes free fatty acids at a rate of 15 mg/OD*mL/day,

Table 1. Kinetic parameters of h6-AldE from S. elongatus
PCC79421.

Substrate Km (mM) kcat (min21)
kcat/Km

(min21mM21)

Formaldehyde undetectable

Butyraldehyde 189.4625.1 459.2635.5 2.460.2

Hexanal 19.364.4 510.5624.2 26.560.2

Octanal 15.465.2 810.1663.2 52.560.3

Decanal 7.663.1 724.3665.0 95.660.4

Dodecyl aldehyde 11.462.4 557.5674.9 49.160.2

Hexadecenal 38.1610.5 647.8637.4 17.060.3

1Results are from three independent experiments and are expressed as average
6 standard deviation.
doi:10.1371/journal.pone.0058307.t001
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Figure 4. Overexpression of two copies of Aar leads to increased FFA production, but at a growth cost that is alleviated by AldE
overexpression. Strains were constructed containing a single copy of Aar in neutral site 1 (NS1) or neutral site 2 (NS2); two copies of Aar (2X); or
two copies of Aar and an additional copy of AldE (‘‘Aar(2X)/AldE’’). A. Growth curve of the indicated strains. For clarity only the Aar (2X) and Aar(2X)/
AldE strains are presented; Aar(NS1) and Aar(NS2) strains were processed in parallel for FAMES analysis. B. Transcript levels of aar and aldE were
assessed by qPCR from samples collected 24 hours post-induction and are presented as the fold increase relative to endogenous expression of each
gene from a WT strain. The data are the average of three experiments +/2 SD. C. Total FAMES of the indicated strains.
doi:10.1371/journal.pone.0058307.g004
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which represents the diversion of 10% of photosynthetically

harvested carbon into the biosynthesis of new lipids. This would

predict a rate of oil synthesis (excluding membrane lipids) of 1,000

gallons/acre/year, which is about twice the yield of palm oil [38],

the most productive terrestrial oil seed crop.

These calculations illustrate that the yields of cyanobacterial oil

could be substantially improved by slowing (or conditionally

blocking) cell duplication and attendant accumulation of biomass

in favor of redirecting fixed carbon into biofuel precursors [10].

This is a central feature of domesticated terrestrial crops, in which

the allometric proportion of seed or fruit to other plant organs has

drastically increased compared to wild relatives. In this regard, it is

promising that strains overexpressing Aar have already demon-

strated a surprising degree of metabolic flexibility in the

deployment of fixed carbon; fatty acids are produced and secreted

at a rate equal to that of membrane lipid biosynthesis. We have

shown that the limiting step in fatty acid production is the

production of fatty aldehydes by Aar. Increasing carbon flow

through upstream reactions might further enhance the output of

biofuel precursors.

Implementation of this strategy will be hindered by endogenous

regulatory systems that evolved to prevent the uncoupling of

growth and photosynthesis. For example, a cell sending all of its

fixed carbon into biofuel might experience a starvation or fixed

carbon deficit signal, resulting in activation of shutdown responses,

which dismantle their photosystems almost entirely. Thus,

laboratory construction of a biofuel-producing microbe will

require detailed understanding of the global physiology of the

organism through application of systems biology approaches. The

capacity to remodel metabolism requires a highly malleable

genetic system. It is for this reason that cyanobacteria, for which a

full range of powerful molecular genetic technology already exists,

are currently the only plausible sources of an optimized biofuel

crop.

Materials and Methods

Reagents
Unsaturated lipid standards for GC were obtained from Nu-

Chek Prep. All other chemicals were from Sigma Aldrich.

Figure 5. Aar-dependent production of wax esters in PCC7942. Strains containing the WS/DGAT enzyme from A. baylyii (‘‘DGAT’’); DGAT and
Aar; DGAT, Aar and slr1192 (‘‘triple 1); or DGAT, Aar and ACIAD3612 (‘‘triple 20) were analyzed 24 hours post-induction by TLC using nonpolar solvents
to resolve WE and TAG (A) or polar solvents to resolve fatty acids (B). slr1192 and ACIAD3612 are long-chain aldehyde dehydrogenases from
Synechocystis and A. baylyii, respectively. 0.5- OD750 equivalents were loaded per well. WE: wax ester; TAG: triacylglycerol; PA: palmitic acid. C. Electron
micrographs of the indicated strains 24 hours post-induction. Lipid bodies are present in DGAT-containing samples and appear as white globules.
doi:10.1371/journal.pone.0058307.g005
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Protein Purification and Enzymatic Assays
aldE (orf0489) was subcloned into a pET22b+ expression vector

modified to contain an N-terminal 6XHis tag, expressed in

BL21(DE3)RIL E. coli, and purified by metal affinity chromatog-

raphy as described [39]. The eluted fraction was then loaded on a

HiLoad 16/60 SuperDex200 gel filtration column (Sigma)

equilibrated in 150 mM NaCl/50 mM Tris, 7.5/1 mM EDTA.

The peak fractions were concentrated in a 30,000 MWCO

Centricon (Millipore) to ,1 mg/mL and immediately used in

enzyme assays, or supplemented with glycerol to 10%, flash frozen

and stored at 280uC. Final yields of h6-AldE were ,2 mg per L of

culture.

Enzyme Assay
The activity of h6-AldE was assayed at 23̊C by monitoring the

change in absorbance of NADH at 340 nm using a Spectramax

M5 spectrophotomoter in a 1 cm cuvette, collecting readings on

kinetic mode every 1 second. The reaction volume was 800 ml and

contained 50 mM Tris, 7.5, 150 mM NaCl, 0.05% IGE-

PAL,1.0 mM NAD+, and varying concentrations of aldehyde

substrate. Dilutions of aldehydes were made in DMSO. The final

concentration of DMSO in the assay was 2% and did not affect

enzyme activity. The reactions were initiated by addition of

enzyme and initial velocities were determined for the linear range

of the reaction. The constants Km and Vmax were determined by

fitting the data using non-linear progression in Prism to the

Michaelis-Menten equation Y = (Vmax*X)/(Km+X), where

X = substrate concentration and Y = velocity; kcat was determined

from the equation Vmax = kcat*Et, where Et = the concentration of

h6-AldE. The corresponding values are presented in Table 1 as the

mean and standard deviations for three independent measure-

ments. In the absence of enzyme or aldehyde substrate no NADH

production (as indicated by a change in 340 nm absorbance) was

observed.

Strains and Growth Conditions
Strains and plasmids used in these studies are presented in

Table S1 in File S1. S. elongatus strains were grown at 30uC in

BG11 media under 50 umol/m2/s constant illumination as

previously described [40]. Transformations were carried out

according to standard protocols [41] by incubating ,108 cells

from a logarithmically growing culture with 100–300 ng of

plasmid overnight in the dark. Transformants were plated on

BG11 agar plates supplemented with 10 mM bicarbonate and

2 mM sodium thiosulfate and appropriate antibiotics. The

following antibiotic concentrations were used in BG11 media

and plates: spectinomycyin, 2 mg/mL; streptomycin, 2 mg/mL;

kanamycin, 5 mg/mL; gentamycin 4 mg/mL; chloramphenicol

7.5 mg/mL. Spectinomycin and streptomycin were used concur-

rently for strains containing the Strepr marker. Individual colonies

were streaked and patched, and complete segregants were verified

by PCR for disruption of the neutral site and presence of the

transgene.

Transgenes were PCR amplified from genomic DNA and

cloned into recombination vectors. Plasmids for targeting neutral

sites 1 and 2 (NS1 and NS2) have previously been described [42].

We generated a new plasmid, pNS4, that is derived from pSP72

(Promega) and contains recombination arms that target the

intergenic region between orf’s ORF0893 and 0894; we termed

this region neutral site 4 (NS4). The pSP72 plasmid was modified

to contain a gentamycin resistance cassette; and a lacIq-pTrc

promoter that drives transgene expression.

All transgenes were expressed from the pTrc promoter and were

induced by 1 mM IPTG. orf1594 (Aar), orf1593 (AD) and orf0489

(AldE) were amplified from S. elongatus PCC7942; slr1192 was

amplified from Synechocystis PCC sp. 6803; and ACIAD3612 was

amplified from Acinetobacter ADP1. The aDGAT gene from

Acinetobacter ADP1 was synthesized by DNA2.0 and codon

optimized. A null allele of AldE (DAldE) was generated by

insertion of a chloramphenicol resistance cassette into bp 106–

1259 of the AldE open reading frame as described [43].

In a typical induction experiment, strains were inoculated from

patches on plates into an 250 mL Erlenmeyer flask containing

40 mL BG11 media plus appropriate antibiotics, grown several

days with constant shaking/light at 200 rpm/50 umol/m2/s until

the OD750 reached 1–1.5, diluted back to an OD750 of 0.1 without

antibiotics, and induced the following day with 1 mM IPTG to

start the time course. In all experiments an uninduced culture was

processed in parallel for each induced strain. Samples were

collected at the indicated times post-induction (1 OD*mL

equivalent, triplicate samples for GC, 2 OD*mL for TLC), stored

at 280uC and lyophilized before processing for TLC or GC. All

growth curves and analysis have been repeated a minimum of

three times. For clarity, growth data for uninduced cultures in

Figures 3 and 4 are not shown; all of these uninduced strains grew

indistinguishably from the WT.

Cell Viability
CFU assays were performed to determine cell viability by

making 10-fold serial dilutions in BG11 media and spotting 10 ml

onto BG11 plates (1.5% bacto agar). The plates were incubated at

30uC at ,100 mE/m2/s, and colonies were counted 1 week after

plating. The data were normalized to the OD750 of each culture

and are presented as CFU/OD750.

TLC/GC
For TLC analysis, samples were extracted by the Bligh and

Dyer method [44] and resuspended in 2:1 chloroform:methanol.

Typically 0.5 OD750-equivalents were loaded on a TLC plate. For

separation of neutral lipids (wax esters and TAGs) 90% hexane/

10% diethyl ether was used for the mobile phase; for polar lipids

the mobile phases was 70 mL chloroform/22 mL methanol/3 mL

water. The lipids were visualized by the UV-detectable reagent

primuline. For GC analysis, lipid samples were extracted from

whole cell cultures via modified Folch extraction [45], Briefly, the

dried cell culture samples were spiked with C13:0 TAG surrogate

and resuspended in 1.5 mL of methanol with 4.5% sulfuric acid.

The samples were heated for 1 hour at 90uC and cooled to room

temperature. 1.5 mL of 1.5% NaCl and 250 mL hexane were then

added to each sample. Samples were vortexed and centrifuged at

10,000 rpm for 10 minutes. The transesterified lipids were

extracted to the hexane phase, which was removed and injected

on the GC. Samples were analyzed on an Agilent 7890 GC using a

10 m60.25 m60.25 mm DB-225 capillary column and FID

detection. Peak identities were established by retention time

comparison to known standards and peak areas were calculated by

Agilent Chemstation software. All samples were processed in

triplicate and data are presented as mean +/2 standard deviation.

Quantitative PCR
Transcript levels of aar (orf1594) and aldE (orf0489) were

determined 12 to 24 hours post-induction. Total RNA was isolated

from 1–10 mL of culture using RNAeasy mini kit (Qiagen) and

converted to first-strand cDNA (Invitrogen Superscript II). Primer-

probe sets were ordered from Applied Biosystems, and transcript

levels were quantified using an ABI PRISM 7900HT sequence

detection system. RNA input for each sample was normalized to

the housekeeping rnpB gene. The expression levels of aar and/or
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aldE from the indicated strains were calculated relative to a time-

matched, WT strain.

TEM
4–5 OD750 of cells were pelleted and washed in BG11 media,

resuspended in fixation buffer (2% glutaraldehyde/0.2M cacodyl-

ate, pH 7) for 1 hour at room temperature and stored at 4̊C.

Samples were processed for TEM according to standard protocols

[46], and images were acquired on a JEOL 1200EX electron

microscope.

Supporting Information

File S1 Figure S1: Overexpression of Aar leads to a preferential

accumulation of free fatty acids over alkanes. Samples were

collected 24, 48 and 72 hours post-induction and analyzed by GC

for total FAMES (a), pentadecane (b) and heptadecane (c). Figure

S2: Purification of h6-AldE (orf0489). AldE containing an N-

terminal 6XHis tag was expressed as a soluble protein in E. coli

and purified by metal affinity and size exclusion chromatrography.

The UV trace of the size exclusion chromatography step shows

that AldE elutes at a size consistent with a homodimer (AldE is

blue trace; green trace is of MW standards), as has been seen for

other class 3 aldehyde dehydrogenases [27]. The inset is an SDS-

PAGE gel, with the arrow indicating h6-AldE. Table S1: Plasmids

used in these studies.
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