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Abstract: Ectomycorrhizal fungi and associated bacteria play a key role in plant-driven mineral
weathering and uptake of mineral-derived nutrients in the rhizosphere. The goal of this study was
to investigate the physical and chemical characteristics of bacteria-fungi-mineral interactions in
biofilms of Scots and red pine rhizospheres. In three experiments, seedlings were grown in columns
containing silica sand amended with biotite and calcium-feldspar, and inoculated with pure cultures
of ectomycorrhizal fungi or a soil slurry. Uninoculated seedlings and unplanted abiotic columns
served as controls. After nine months, the columns were destructively sampled and the minerals were
analyzed using scanning electron and atomic force microscopy. Element release rates were determined
from cation concentrations of input and output waters, soil exchange sites, and plant biomass, then
normalized to geometric surface area of minerals in each column. The results revealed that various
ectomycorrhizal fungal species stimulate silicate dissolution, and biofilm formation occurred at low
levels, but direct surface attachment and etching by fungal hyphae was a minor contributor to the
overall cation release from the minerals in comparison to other environmental conditions such as
water applications (rain events), which varied among the experiments. This research highlights the
importance of experimental design details for future exploration of these relationships.

Keywords: cation limitations; mineral weathering; scanning electron microscopy; atomic force
microscopy; column experiments; Pinus resinosa; Pinus sylvestris; ectomycorrhizal fungi

1. Introduction

Silicate mineral weathering is important to many element cycles, soil formation, and nutrient
supplies for plants and ecosystems, and is key to long-term carbon dioxide sequestration in the Earth’s
system [1–3]. In soil environments, plant roots and their associated fungi and bacteria are increasingly
recognized as the main drivers of silicate weathering both in natural [4–11] and in agricultural
settings [12–14]. The rhizosphere (root influenced zone) has been described as the most important and
most active part of the critical zone (CZ) [15,16], which is defined as “the heterogeneous, near-surface
environment in which complex interactions involving rock, soil, water, air, and living organisms
regulate the natural habitat and determine the availability of life-sustaining resources” [17]. It is well
established that both ecto- and endo- mycorrhizal fungi enhance mineral weathering and improve the
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nutritional state of higher plants [18–20]. Some studies have demonstrated that ectomycorrhizal fungi
are able to find hotspots of mineral sources of cation nutrients [21,22], and dissolve the minerals to
obtain the needed nutrients [20,23–27]. In systems with low base cation availability, mycorrhizal fungi
and their bacterial helpers significantly increased weathering rates and decreased the loss of weathering
products [9,28–31]. Indeed, several studies have documented chemical and physical alteration of biotite
(and other sheet silicates) as the result of direct fungal attachment to these mineral surfaces [30,32–36].
While these mechanisms clearly can increase the capacities of plants and ecosystems to acquire
nutrients under certain conditions, some researchers are skeptical of the significance of rhizospheric
microbial contributions to weathering budgets of real ecosystems and watersheds [37–41]. Part of the
problem is that the effective definition of weathering used in a given study inevitably depends on
the scale and the technique of investigation [31,42,43]. Rapid weathering acquisition of nutrients by
a plant or plant community does not necessarily generate pools of weathering products in soils, soil
waters, or runoff from catchments where weathering estimates are often made [44,45]. A related issue,
revealed by modeling, is related to time scale—for example, over geological time where net changes in
ecosystems are small relative to total weathering fluxes, weathering rates depend on factors exogenous
to the ecosystem, such as volcanic CO2 input rate to the atmosphere [1,46]. An interesting question
under debate is whether soil water mediates and can be monitored to quantify weathering mass
transfers [7,37], or if plant uptake in particular might involve some mechanism of contact exchange
directly between ectomycorrhizal fungi (EMF) and mineral surfaces. [4,20–22,30,32–36].

Laboratory, mesh bag, soil profile, watershed, and modeling studies of the roles of plants and
associated fungi and bacteria on weathering, nutrient uptake, and soil formation have generated
a broad range and variety of results. These variations suggest that other factors, not monitored
or controlled in the studies, might have crucial roles [47]. Such factors could be water usage and
availability, rooting depth, species specificity of associated fungi and bacteria, varying plant adaptation
strategies, and the complexity of interacting factors in natural systems [47,48]. Thus, quantification
and relative contributions of the processes and players are still problematic.

Our previous studies and the published results of others indicate that the formation of rhizospheric
biofilms on soil mineral surfaces in collaboration between plant roots, mycorrhizal fungi, and associated
bacteria suggest an important regulatory mechanism to increase chemical weathering and decrease
chemical denudation (loss) at the same time [30,45,46]. Our goal was to investigate the physical and
chemical characteristics of bacteria-fungi-mineral interactions under biofilm covers in the rhizosphere
of selected pine species. We aimed to test (i) the response of biofilm development of various fungi and
their bacterial associates in the rhizosphere of Scots (Pinus sylvestris L.) and red pine (Pinus resinosa
Ait.) to cation nutrient limitation, as well as (ii) the rates of mineral dissolution of the various
biological combinations under cation nutrient limitations. Figure 1 graphically summarizes our
weathering “undercover” hypotheses that: (i) rhizospheric biofilm development is enhanced at the
bacteria-fungi-mineral interface under base cation limitations, and (ii) the rhizospheric biofilm, which
incorporates both bacteria and fungi, facilitates increased uptake of base cation nutrients into seedling
biomass by localizing and concentrating the weathering products of the minerals.

Results from three column experiments are presented in this paper. A new experiment (KU),
conducted with Scots pine was inoculated with pure cultures of three ectomycorrhizal fungal species.
We also present previously unpublished results from a study [49] conducted with red pine inoculated
with a soil slurry (ZS) and from dissertation research [50], where red pine was inoculated with pure
cultures of ectomycorrhizal fungi and bacteria associated with those fungi (BB) [30].
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Figure 1. Conceptual model of the hypothesized biofilm weathering reactor in the rhizosphere. (A) 
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Small dark arrows show soil water uptake by fungal hyphae; (B) Cross-section through an 

unsaturated pore and two mineral grains, showing fungal hypha and bacteria embedded in biofilm 

attached to a mineral surface. Dissolution, uptake of cations, and precipitation of secondary minerals 

(black diamonds) are indicated along the biofilm-hypha-bacteria-mineral interface. Acids, various 

exudates, extracellular polymeric substances (EPS) are released into biofilm, which facilitates the 

interaction among bacteria, fungi, and mineral surfaces, and isolates the covered surface from resident 

soil water that flows (blue arrows) episodically during infiltration events. 
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Figure 1. Conceptual model of the hypothesized biofilm weathering reactor in the rhizosphere. (A) Soil
mineral particles shown in light gray; soil water movement by gravity shown by blue arrows; green
(darker gray) shaded regions are patches of biofilm covering mineral surfaces, with brown stipples
indicating embedded bacteria. Fine lines represent fungal hyphae that have grown into the pore
network, attached to mineral surfaces, embedded in biofilm patches, and connected to the root. Small
dark arrows show soil water uptake by fungal hyphae; (B) Cross-section through an unsaturated pore
and two mineral grains, showing fungal hypha and bacteria embedded in biofilm attached to a mineral
surface. Dissolution, uptake of cations, and precipitation of secondary minerals (black diamonds) are
indicated along the biofilm-hypha-bacteria-mineral interface. Acids, various exudates, extracellular
polymeric substances (EPS) are released into biofilm, which facilitates the interaction among bacteria,
fungi, and mineral surfaces, and isolates the covered surface from resident soil water that flows (blue
arrows) episodically during infiltration events.

2. Materials and Methods

The experiment with Scots pine, which was conducted at University of Copenhagen in Denmark
and is designated as KU, is described in detail in this manuscript. The other two experiments with
red pine, which were conducted at Washington State University, are described in Shi et al. [49] for the
experiment designated as ZS, and in Balogh-Brunstad et al. [30] for the experiment designated as BB.
Here, only a brief description is provided for these last two experiments, emphasizing the methods that
were not previously described and pointing out similarities and differences among the experiments.
Treatment codes are defined in Table 1.

Table 1. Treatment codes and description of treatments used in this paper. KU = University of
Copenhagen experiment, ZS = experiment described in Shi et al. [49], BB = experiment described in
Balogh-Brunstad et al. [30].

Experiment Treatment Codes Description

KU

KU_A Abiotic (A) unplanted treatment
SP_UI Scots pine (SP) uninoculated (UI)
SP_SB Scots pine inoculated with Suillus bovinus (SB)
SP_PF Scots pine inoculated with Piloderma fallax (PF)
SP_PI Scots pine inoculated with Paxillus involutus (PI)

ZS [49]
ZS_A Abiotic unplanted treatment
RP_UI Red pine (RP) uninoculated (UI)
RP_SS Red pine inoculated with soil slurry (SS)

BB [30]

BB_A Abiotic unplanted treatment, both antibiotics and fungicides are used to prevent
growth the bacteria and fungi.

RP_E Red pine inoculated with Ewingella americana (E), which was isolated from the
Suillus tomentosus sporocarps, and fungal growth was prevented by fungicides.

RP_BP
Red pine inoculated with Bacillus megaterium (B) and Pantoea agglomerans (P),

which were isolated from the Pisolithus tinctorius sporocarps, and fungal growth
was prevented by fungicides.

RP_ST_E Red pine inoculated with Suillus tomentosus (ST) and its associated bacterium,
Ewingella americana

RP_PT_BP Red pine inoculated with Pisoluthus tinctorius (PT) and its associated bacteria,
Bacillus megaterium and Pantoea agglomerans
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2.1. Seed Germination and Inoculation

The KU experiment was started by germinating seeds of Scots pine (from the Botanical Gardens of
the Natural History Museum of Denmark, Copenhagen, Denmark) on 1.5% H2O agar after sterilization
with 30% H2O2. After germination, 45 of the most vigorous seedlings of Scots pine were inoculated
with one of the pure cultures of the three ectomycorrhizal fungi (15 each) obtained from the Swedish
University of Agricultural Sciences, Uppsala, Sweden: Paxillus involutus (PI), Suillus bovinus (SB),
and Piloderma fallax (PF). These fungi were selected because they are commonly found in natural
Scots pine forests and they have been grown successfully under laboratory conditions [20,24,41,51–54].
Scots pine inoculation was carried out at Lund University, Sweden, on a peat-vermiculite and MMN
(Marx-Melin-Norkrans) sterilized medium in a volume ratio of 1:5:3 [55] (Table S1) in round, sealed
Petri dishes with the seedlings protruding through a notch cut into the Petri dish. The notch was sealed
with sterilized lanolin. The Petri dishes were then placed into a growth cabinet (16/8 h, 18/16 ◦C
day/night around 300 µmol PAR—photosynthetically active radiation) in an upright position, keeping
the roots and fungi in the dark for about eight weeks to allow the fungi to colonize the roots [51]. The
remaining 15 vigorous seedlings were kept as uninoculated controls grown under the same conditions.
After eight weeks of growth, the root systems of each seedling were examined using a reflected
light, dissecting microscope, through the clear wall of the Petri dishes for signs of ectomycorrhizal
associations and contamination. Contamination was found in two seedlings, which were discarded.
Then, 10 Scots pine seedlings of each treatment with the most visible mycorrhizal root tips on their root
systems were selected for transplanting to growth tubes. Ten of the healthiest, uninoculated seedlings
were selected for the experiment as controls.

The ZS experiment was set up simultaneously with the KU experiment. Red pine seeds were
obtained from Sheffield’s Seed Co, Inc., Locke, NY, USA and sterilized with 35% H2O2. Seed
germination and seedling growth were carried out the same way as described in the KU experiment but
without initial inoculation [49]. After about three months of growth, the seedlings were transplanted
into growth cells and inoculation with soil slurry was carried out there. The inoculum preparation
is described in detail in Shi et al. [49]. Briefly, inoculum was prepared from soils and roots collected
from the root zone of young Western white pines at 20 miles northeast of Potlatch, ID [49], which is
the same location that provided the sporocarps for the BB experiment [30]. The soil and roots were
suspended in 500 mL of deionized and sterile water, filtered with a Whatman No. 1 paper filter, then
20 mL of this soil slurry was added to half of the seedlings. Thirty replicates were prepared for each
treatment with seedlings.

The BB experiment differed in its seed germination (details in [30]). Five red pine seeds
were directly sown into the columns after sterilization with 30% H2O2. After one month growth,
the seedlings were thinned to one per column and, after allowing an additional month of root
development, the seedlings were inoculated with a suspension of pure culture of Suillus tomentosus
(ST), or Pisolithus tinctorius (PT) fungi, and/or with pure cultures of Ewingella americana (E), and/or a
combination of Bacillus megaterium (B) and Pantoea agglomerans (P) bacteria, which were isolated from
ST and PT respectively [30]. Each treatment was replicated 15 times.

2.2. Experimental Setup

The Scots pine seedlings in the KU experiment were transplanted into 164-mL opaque UV
blocking plastic SC-10 Ray Leach tubes (3.8-cm inside diameter, 21-cm depth, Stuewe and Sons. Inc.,
Tangent, OR, USA) filled with acid-washed white quartz sand (98.8% SiO2, 0.63% Al2O3, 0.36% K2O;
Dana Kvarts, Danks Kvarts Industry, Brædstrup, Denmark) amended with 1 wt % biotite ((Ca0.27,
K1.75)(Mg2.66,Fe2.28,Al0.69,Ti0.37)(Si5.67,Al1.85)O20(OH)2), and 1 wt % calcium-rich plagioclase feldspar
((Ca2.57,Na1.14,K0.07)(Al5.29,Fe0.79)Si10.05O32). These minerals were the sole sources of potassium
and calcium in the growth experiment. They were obtained from Dr. F. Krantz Rheinisches
Mineralien-Kontor GmbH & Co. KG, Bonn, Germany and the composition was determined using X-ray
fluorescence (XRF) elemental analysis at the Geoanalytical Lab of WSU, Pullman, WA, USA [56,57].
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The quartz sand was soaked in 10 vol % hydrochloric acid for 24 h, well mixed every 6 h, then
rinsed with deionized water until the pH of the rinse water reached 6, after which it was dried in
an oven at 90 ◦C. The amendment minerals were crushed, sieved, washed in deionized water, and
dried at 90 ◦C, then a particle size range of 125–500 µm was selected. The sand and minerals were
mixed and placed into each column. Then, before the seedlings were transplanted into them, they
were leached with deionized water for two weeks to reduce the effect of freshly disturbed and broken
mineral surfaces. Unplanted abiotic controls (KU_A) were also prepared, in addition to uninoculated
controls (SP_UI) and the three fungal treatments (SP_SB, SP_PF, and SP_PI) in replicates of 10 each
(Table 1). Time zero for start of the column experiment was defined when the colonized seedlings were
transplanted into the sand-mineral growth medium. All columns were placed in a growth chamber
under 16/8 h, 18/16 ◦C day/night, around 50–80% humidity, and 300 µmol PAR. The seedlings were
subjected to cation (calcium and potassium) nutrient limitation by providing them with 10 mL of
sterilized deionized water twice a week and 10 mL of calcium- and potassium-free nutrient solution
once a week (composition is listed in Table S2). Fungicides (pH 5.5; 0.5 ppm Ca, 0.1 ppm Mg),
Steptomycin sulfate (100 µg/mL), and Nystatin (40 µg/mL; Sigma Chemical Company, St. Louis, MO,
USA) were applied to KU_A and SP_UI treatments, at a dose of 1 mL once every two months to prevent
fungal growth [30]. Bacterial growth was not prevented after the start of the experiment in any of the
treatments, i.e., antibiotics were not supplied. A rain event with an application of 50 mL deionized
water was simulated after zero, three, six, and nine months of growth to collect gravity-drained water
from the columns for chemical analysis. The water applied during the experiment was equivalent to
150 cm per year precipitation.

The red pine seedlings in the ZS experiment were transplanted into the same type of SC-10
Ray Leach tubes as the seedlings of the KU experiment, containing acid-washed silica sand
(98.6% SiO2, 0.78% Al2O3, 0.21% K2O; Lane Mountain Company, Valley, WA, USA) amended with
0.5 wt % biotite ((Ca0.16,K1.53)(Mg2.89,Fe2.34,Al0.53,Ti0.24)(Si6.16,Al1.37)O20(OH)2) and 1 wt % anorthite
((Ca2.50,Na1.29,K0.19)(Al5.93,Fe0.57)Si9.98O32) (WARD’s, Rochester, NY, USA). The sand and mineral
preparations and the experimental growth conditions were identical to the KU experiment, as described
above and in Shi et al. [49]. The description of the composition of the calcium- and potassium-free
nutrient solution and the irrigation regime of the experiment is presented in Shi et al. [49], similar to
the KU experiment with a rainfall equivalent of 80 cm per year. Time zero for the start of the column
experiment was defined as the time when the seedlings were inoculated. While this experiment aimed
to study the contribution of soil bacteria and fungi to silicate mineral weathering under various calcium
and potassium availabilities, the slurry inoculation method did not work well and ectomycorrhizal
fungal colonization was unsuccessful [49]. In this paper, the composition and microscopy (previously
unpublished) results of the calcium- and potassium-free nutrient treatments of the red pine seedling
only (RP_UI), the red pine with soil slurry inoculation (RP_SS), and the unplanted abiotic controls
(ZS_A) are compared with the results from the KU experiment (Table 1).

Results from the BB experiment [30] are also used for comparison, where ectomycorrhizal
colonization of red pine was established through pure culture inoculation. Red pine seedlings were
grown in the same type of SC-10 Ray Leach tubes as in the studies described above, that used
acid-washed silica sand (Lane Mountain Company, Valley, WA, USA) amended with 1.5 wt % biotite
and 3 wt % anorthite (WARD’s, Rochester, NY, USA). The composition and preparation of the minerals
are described in Balogh-Brunstad et al. [30]. An unplanted abiotic treatment (BB_A) served as the
control for the four biotic treatments described in Table 1. The growth conditions of the BB experiment
were identical to the other two experiments described above, and a detailed explanation is found in
Balogh-Brunstad et al. [30]. Through irrigation, the columns received an annual rain equivalent of
250 cm per year.

After nine months, in each experiment the columns were destructively sampled for determining
bulk weathering rates and for microscopic analysis. The seedlings were harvested by gently rolling
the growth columns to loosen the connection between the tube and the material inside and then
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the seedling, with its intact soil core, was lifted out and placed on a clean surface. The seedling
was separated from the soil, carefully keeping the root system intact. Particles adhered to the roots
were shaken off as much as possible, then the remaining particles were washed off using deionized
water. The shaken-off plus washed-off particles were defined as the “rhizospheric soil” in each
experiment. Then, each entire root system was documented by scanning at high resolution on a
flatbed scanner, or high-resolution photographs of the root system were taken. Mycorrhizal root
tips were counted on these images, and the percentage of mycorrhizal root tips was determined for
each seedling. In addition, seedlings were randomly selected from each treatment and those roots
were examined using a dissecting microscope to verify the counts obtained from the images. In both
cases, the ectomycorrhizal root tips were selected based on the assumption that roots with typical
ectomycorrhizal morphology and anatomy are mycorrhizal [58].

2.3. Chemical Analysis

In all experiments, bulk weathering rates of biotite and calcium-rich plagioclase feldspar were
estimated by measuring calcium and potassium mass partitioned from the minerals into other
phases [30]. Irrigation water, drainage water, and biomass were analyzed for calcium and potassium
concentration. The biomass was separated for above- and below-ground parts, oven dried at 65 ◦C
until the mass remained unchanged, then milled and wet digested with concentrated nitric acid
and 30% H2O2 [59]. The digests were dried, then reconstituted in 1% nitric acid. Exchangeable
cation concentrations of the sand-mineral growth medium were determined using an ammonium
acetate extraction procedure [60]. All liquids were analyzed using atomic absorption spectroscopy
(AAS; AAnalyst 600, PerkinElmer, Waltham, MA, USA) at the Nano-Science Center, University of
Copenhagen and concentrations in the samples were determined using a set of diluted certified
standards. Shi et al. [49] used the same sample preparation and the aliquots were analyzed for calcium
on an inductively coupled plasma – mass spectrometry (ICP-MS; (Agilent 7700x, Agilent Technologies,
Santa Clara, CA, USA)) and for potassium on an AAS (Varian SpectrAA 220, Varian, Palo Alto, CA,
USA) at Washington State University (WSU). Balogh-Brunstad et al. [30] also used the above sample
collection and preparation and the aliquots were analyzed on an inductively coupled plasma – optical
emission spectrometry (ICP-OES;model 61, Thermo Jarrell Ash Corporation, Franklin, MA, USA)
at WSU.

Weathering rates were expressed as element release rates, determined for each treatment in each
experiment in mmol/m2 of mineral surfaces [61,62]. The total amounts of calcium and potassium were
calculated in irrigation and drainage waters, biomass, and soil exchange sites; then, the total release
was determined by a simple mass balance of output minus input for all pools [30].

Total Element Release = (Change in Biomass) + (Drainage − Irrigation water) +

(Change in Exchangeable Cation Pool of Growth Medium)

The total element release was divided by the estimated geometric surface area of the source
mineral grains (in m2). The geometric surface area of the minerals was estimated based on the particle
size range, shape, added mass, and density of the minerals (Table S3). Normalization of the total
release by the geometric surface area of the mineral in each column allowed comparison of different
treatments assuming that all of the calcium was released from the feldspar and all of the potassium
was released from the biotite. Although normalizing the results to the geometric surface area instead
of the measured effective surface area of the mineral particles is not ideal, it allows comparison among
the treatments because the minerals were processed the same way, the particle size range was about
the same, and the experiments were run for the same time length [30,49].

The biotic enhancement ratio for each element is defined as the total element release rate in a
given biotic treatment divided by the total release rate of the abiotic treatment in that experiment.

All calculations were completed on three to five replicates of each treatment. Data analysis
was carried out in Microsoft Excel, using the data analytical package. Differences among treatments
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within each experiment were determined by one-way ANOVA analysis. When the p value was lower
than 0.05, then a least significant difference t test (LSD) post hoc test was carried out to determine
which pairs of treatments were significantly different from each other among the various treatments.
The experiments were also compared to each other using the same methods, but cross-experiment
comparison results were treated cautiously, because these experiments had few replicates, small sample
size, high variability, and the effects of host, fungal species, and water availability variations could not
be tested in these experimental setups.

2.4. Atomic Force Microscopy (AFM) Analysis

In the KU experiment, AFM was used to obtain high resolution images of biotite surface
topography at the nanometer scale. Samples were prepared with minimal alteration. As the
columns were destructively sampled, the seedlings were carefully removed, the rhizospheric soil
was homogenized, and a subsample was taken for AFM analysis before the soil was set to dry. Freshly
sampled biotite and feldspar grains were mounted on a glass microscopy slide using a double-sided
adhesive tape and imaged with AFM (Asylum Research AFM-3D-SA, Oxford Instruments Company,
Santa Barbara, CA, USA) at the Nano-Science Center, University of Copenhagen, Copenhagen,
Denmark). The samples were imaged using tapping mode in air, at room temperature, with 0.5 to 1 Hz
scanning rate. Images were analyzed and processed with Igor Pro 6.03A.

2.5. Scanning Electron Microscopy (SEM) Analysis

To obtain a better understanding of the overall surface morphology of the components of the
rhizosphere, the samples were imaged using SEM at the site where the experiments were done. All
of the KU samples were processed and imaged using an FEI Quanta 3D field emission gun (FEG)
SEM (FEI Company, Hillsboro, OR, USA) at the Nano-Science Center, University of Copenhagen,
Denmark. The samples were imaged using a secondary electron (SE) detector in variable pressure
mode, uncoated, at 5 kV accelerating voltage, with a ~5-mm working distance and without tilt.
The ZS samples were imaged using an SE detector on an FEI Helios Nanolab dual-beam focused ion
beam/SEM (FEI Company, Hillsboro, OR, USA) at the Environmental Molecular Sciences Laboratory,
the Pacific Northwest National Laboratory, Richland, WA, USA and on a JEOL JSM636OLV SEM
(JEOL Ltd., Tokyo, Japan) at the Department of Geology, Colgate University, Hamilton, NY, USA.
These samples were carbon-coated (Cressington Carbon coater 108 carbon/A; Cressington Scientific
Instruments, Watford, UK) before imaging to decrease charging. The nine-month samples of the BB
experiment were also imaged using an SE detector on a Zeiss Leo 982 field emission SEM (Carl Zeiss
Ag, Oberkochen, Germany) at Pacific Northwest National Laboratory, Environmental Microbiological
Science Laboratory, Richland, WA, USA [30].

Sample preparation for the SEM investigations was done in the same way for each experiment.
After destructive sampling of the columns, the rhizospheric soil was air dried separately from the
rest of the soil and subsampled for microscopic analysis. Hand-separated biotite and feldspar grains
were mounted on carbon tape-covered aluminum SEM stubs (Ted Pella, Redding, CA, USA), and
sputter-coated with carbon for the ZS experiment, and examined uncoated for the KU experiment.
To generate a representative characterization of each treatment, three replicate SEM stubs were
prepared with a minimum of five grains of each mineral from each treatment, then the mineral grains
were imaged at 10 random locations under very similar resolution among the various SEMs. Thus
for each treatment, a minimum of 30 images of biotite were examined for signs of fungal weathering,
which were defined as features of fungal hyphae size (2 to 5 µm in diameter in these experiments), as
well as curved and branching channel shaped features. The area percentage of these fungal features
was compared to the total biotite area imaged, which provides a semi-quantitative estimate of the
direct surface alteration caused by fungal hyphae, from which standard error was determined for
the replicated samples [30,32,33]. Fungal etching on the calcium-rich feldspar grains could not be
quantified because of the initial roughness of the grains.
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3. Results

3.1. Bulk Composition

After nine months’ growth, the seedlings in the three experiments were significantly different
in size (p < 0.001). Scots pine seedlings grew very slowly both above- and below-ground (Table 2).
All seedlings of the SP_UI treatment died by month 5, where the seedlings were grown without
mycorrhizal inoculation, thus no results of this treatment are shown. In contrast, the red pine seedlings
in ZS and BB experiments with and without inoculation became root-bound as the roots explored the
whole soil volume and filled the growth tubes entirely. The seedlings produced three to 10 times more
above-ground biomass than the Scots pine seedlings (Table 2). However, the root:shoot ratios of dry
biomass weight were the same for the KU and the ZS experiments and substantially larger for the BB
experiment (Table 2).

Table 2. Above- and below-ground biomass in mg after nine months’ growth, the root:shoot ratios,
and the mycorrhizal root tip percentage of the root system are shown for each column experiment; the
BB treatments are recalculated from Balogh [50]. Standard deviation of four to five replicates of each
treatment is shown in parenthesis; a–d (the different superscript letters) within each column indicate
statistically significant differences among the treatments (Table S5). Treatment codes are defined in
Table 1.

Experiment Treatment
Codes

Above-Ground
Biomass (mg)

Below-Ground
Biomass (mg)

Root:Shoot
Ratio

% of Mycorrhizal
Root Tips

KU
SP_SB 20.3 (±2.4) a 7.13 (±2.8) a 0.37 (±0.2) a 54 (±17) a

SP_PF 27.0 (±4.4) a 13.1 (±4.9) a 0.48 (±0.1) a 67 (±15) a

SP_PI 28.8 (±6.3) a 24.0 (±11) b 0.82 (±0.3) a 53 (±19) a

ZS [49]
RP_UI 209 (±120) b 73.0 (±46) c 0.35 (±0.1) a 0.0 (±0) b

RP_SS 242 (±170) b 61.2 (±18) c 0.35 (±0.2) a 2.1 (±2) b

BB
[30,50]

RP_E 116 (±30) a 288 (±80) d 2.49 (±0.36) b 0.0 (±0) b

RP_BP 106 (±34) a 280 (±75) d 2.74 (±0.63) b 0.0 (±0) b

RP_ST_E 92.6 (±23) a 218 (±39) d 2.39 (±0.35) b 22 (±5) c

RP_PT_BP 105 (±16) a 276 (±65) d 2.62 (±0.36) b 5.3 (±0.4) d

Potassium release in the KU experiment was similar to that in the BB experiment, but the ZS
experiment had significantly lower potassium release (p < 0.001; Figure 2A; Table S4). Variation was
large between replicates and was independent of fungal species within the experiments. Calcium
release was significantly higher in the KU columns with Scots pine compared to that in the ZS columns
and BB columns with red pine (p < 0.001; Figure 2B; Table S4). Biotic enhancement ratios show an
observable difference between the Scots pine and red pine experiments for potassium (p < 0.001) and
no difference for calcium (p = 0.08; Figure 2C). The pH of the drainage waters was similar in both the
KU and the ZS experiments; at the start of the experiments it was close to neutral (~6.00 to 6.80). The
pH of the abiotic treatments remained around 6.00 in both experiments and the treatments with all of
the seedlings and added microbes/fungi dropped to acidic levels (~3.60 to 4.50) by the end of the sixth
week and remained acidic for the remainder of the experiments [49]. The pH stayed circumneutral in
the BB experiment [30].
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Figure 2. Element release of potassium (A) and calcium (B) in mmol per m2 of geometric surface area
of the minerals. Biotic enhancement ratio is shown by the element release of treatments with pine
seedlings normalized to the element release of abiotic treatments (C). Error bars represent the standard
deviation of three to four replicates. The lower case letters (a–d) within each panel represent statistically
significant differences among the treatments (Table S5). In panel (C), the calcium ratios did not have
statistical difference, thus no letters are presented.

3.2. Mineral Surface Analysis

3.2.1. Atomic Force Microscopy (AFM)

In the KU experiment, after nine months of exposure to the rhizosphere of the three pine
treatments, biotite exhibited shallow etched channels in all treatments (Figure 3A–C), while the samples
from the abiotic treatment remained nearly unchanged (Figure 3D). The shallow channels observed on
the biotite flakes are about 10 nm deep, and thus not observable by SEM. Based on size, shape, and
distribution, we interpret that they are fungus-generated (Figure 4A). Feldspar surfaces were harder to
evaluate, because the original surfaces had steps and high roughness, but the roughness increased
and etch pits were also detected (Figure 4B) Biological colonization of the mineral surfaces was patchy
and highly variable. Thick biofilm did not develop, but layers of extracellular polymeric substances
(EPS) were the dominant biological markers on SP_PI (Figure 5A); bacteria and fungi dominated the
surfaces on SP_PF (Figure 5B); and SP_SB was almost free of biological material (Figure 5C). KU_A
remained much smoother, with neither channels nor biological material evident (Figure 5D).



Soils 2017, 1, 5 10 of 20

Soils 2017, 1, 5  10 of 20 

 

roughness increased and etch pits were also detected (Figure 4B) Biological colonization of the 

mineral surfaces was patchy and highly variable. Thick biofilm did not develop, but layers of 

extracellular polymeric substances (EPS) were the dominant biological markers on SP_PI (Figure 5A); 

bacteria and fungi dominated the surfaces on SP_PF (Figure 5B); and SP_SB was almost free of 

biological material (Figure 5C). KU_A remained much smoother, with neither channels nor biological 

material evident (Figure 5D). 

 

Figure 3. Atomic force microscopy topography images of biotite surfaces in the KU experiment for 

SP_PI (A); SP_PF (B); SP_SB (C); and KU_A (D). Images (A)–(C) show shallow 7- to 20-nm-deep 

etched fungal hyphae size channels while the abiotic surface (D) remained unchanged. The colored 

bars on the right side of the images show the z-scale for the two images in each row.  

Figure 3. Atomic force microscopy topography images of biotite surfaces in the KU experiment for
SP_PI (A); SP_PF (B); SP_SB (C); and KU_A (D). Images (A)–(C) show shallow 7- to 20-nm-deep etched
fungal hyphae size channels while the abiotic surface (D) remained unchanged. The colored bars on
the right side of the images show the z-scale for the two images in each row.Soils 2017, 1, 5  11 of 20 
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Figure 4. Atomic force microscopy topography images from the KU experiment showing the
dimensions of shallow channels on a biotite surface (A) and etch marks on a feldspar surface (B)
along the A–A’ lines; examples from SP_PI treatment. The colored bar on the right shows the z-scale.
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Figure 5. Atomic force microscopy amplitude retrace (deflection) images from the KU experiment
showing the shape of the surface-covering materials (here, z-scale is irrelevant). The black bar represents
1 µm horizontal distance on all images. Extracellular polymeric substances (EPS) biolayers are dominant
on biotite surfaces of SP_PI (A); fungal hyphae and bacteria are attached to most of the biotite surfaces
of SP_PF (B); and almost no biological material is found on the biotite surfaces of SP_SB (C); lastly,
biotite surfaces are relatively clean in the abiotic KU_A treatment (D).

3.2.2. Scanning Electron Microscopy (SEM)

The SEM images showed differences in the rhizospheric environments of the treatments. The
successful fungal colonization of red pine roots in the BB experiments showed the most prominent
fungal hyphal attachment (Figure 6A) and biofilm formation (Figure 6B) on the biotite surfaces.
While the roots of the seedlings of the KU experiment were well colonized with one of the three
ectomycorrhizal fungi, the attachment of hyphae to biotite surfaces was less prominent (Figure 6C),
but large amounts of organic exudates were associated with these fungal species (Figure 6D,E). In the
ZS experiment, where the inoculation was made nonspecifically using a soil slurry, fungal colonization
was insignificant; however, root hairs were found to be attached to biotite surfaces (Figure 6F). Overall,
biological markers were patchily distributed on the mineral surfaces in all of the experiments and
biotite was favored over feldspar.
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Figure 6. Scanning electron microscopy images of the rhizosphere biotite surfaces of various treatments.
Abundant fungal hyphal attachment is seen in RP_ST_E (A) and biofilm formation with desiccated
bacteria in RP_E (B); Some desiccated fungal hyphae are observed in SP_PI (C); fungal hyphae with a
large amount of organic exudates are seen in SP_SB (D); and organic exudates along the edge of the
hyphae are seen in SP_PI (E); finally, the sample from the RP_SS treatment only exhibited root hairs on
the biotite surfaces (F). Treatment codes are defined in Table 1.

In addition to the bulk composition data, evidence of mineral dissolution is shown by channel-like
etching patterns on the biotite surfaces in all pine treatments. These are either fungal hyphae size
(Figure 7A) or root hair size (Figure 7B). Secondary mineral precipitates are also seen on the mineral
grain surfaces, especially accumulated on the feldspar surfaces (Figure 7C,D). While the abiotic
treatments exhibit some secondary precipitates, the mineral grain surfaces remain smoother and show
no biological etching features (Figure 7E,F). Semi-quantitative estimates of area coverage of fungal
hyphae-produced channels are the greatest in the RP_PT_BP (11%) and RP_ST_E (21%) of the BB
experiment, and lower in the SP_PF (9%), SP_PI (4%), and SP_SB (1%) of the KU experiment. Larger
sized (root hair) channel-like features (Figure 7B) covered the biotite surfaces in RP_E (15%), RP_BP
(8%), RP_SS (23%), and RP_UI (2%).
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Figure 7. Scanning electron microscopy images of the rhizosphere mineral surfaces from various
treatments. Fungal hypha-sized channels were found on biotite in most treatments with fungi, for
example, from SP_PI (A); pine treatments without fungi have root hair-diameter channels, example
from RP_BP (B); Secondary mineral precipitates were best exhibited on the feldspar grains, as seen in
the RP_SS (C) and SP_SB (D) treatments. The abiotic samples remained relatively smooth and without
biological etching marks, as shown by the biotite example from ZS_A (E) and a feldspar example from
KU_A (F). Treatment codes are defined in Table 1.

4. Discussion

4.1. Element Release Rates

Element release rates from biotite and calcium-rich feldspar were expected to be higher in
treatments with ectomycorrhizal fungi than without fungi, and higher in all biological treatments than
in the abiotic treatments [4,63]. It was also expected that the seedlings with ectomycorrhizal fungi
would allocate more carbon below ground, accumulate larger biomass, and grow more successfully
under base cation limitation than the seedlings without the fungi [19,64]. However, the latter could
not be verified within these studies because some of the important controls did not survive in each
experiment or the inoculation with EMF did not work well (Table 2). The results indicate that the
red pine seedlings grew larger biomass in both ZS and BB experiments under the given laboratory
conditions than the Scots pine seedlings, but the mycorrhizal colonization of Scots pine seedlings was
more successful (Table 2). These large differences could indicate some species-specific responses to the
growth conditions, but this needs to be tested in experiments where the two pine species are grown
together in order to rule out other factors [65].

The net potassium release was similar for the KU and the BB experiments (Figure 2A). In the
BB experiment, the abiotic, pine with bacteria only, and pine with mycorrhizal fungi treatments
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released about the same amount of potassium, which can be explained by the watering regime that
flushed the columns at every irrigation event [50] and provided a strong abiotic weathering signal; the
relative element release ratio was nearly one (Figure 2C). By contrast, in the KU experiment, where
the columns were flushed only at zero, three, six, and nine months, the relative potassium release
was shown about three to five times higher rates of weathering in the columns with seedlings than
the abiotic KU_A samples (Figure 2C). However, there were only slight differences among the three
fungal treatments of the KU columns, which were all within the variability range of the replicates
of each treatment (Figure 2A). In the ZS experiment, where fungal association with red pine was
unsuccessful [49] and the water application was the lowest among the experiments, the net potassium
release of the pine treatments remained similar to the abiotic ZS_A treatment (Figure 2A). In addition,
the biotic enhancement ratio for potassium in the ZS experiment, where mycorrhization was minimal
or none (Table 2), were nearly identical to the BB experiment (Figure 2C). These results support the
interpretation that the weathering benefit of ectomycorrhizal association is magnified under low water
availability [48], which was less in the KU than in the BB experiment. This has to be further tested in
laboratory and field settings.

Biotite tends to dissolve and transform easily in any acidic environment [61,66–68], and
increased dissolution rates have been demonstrated with the presence of organic acids, especially
oxalate [61,69,70]. However, biotite persists in many soils, which indicates that biotite dissolution is
incongruent in pH conditions common to soils and element release becomes diffusion-limited due to
secondary phases/remnant silicate framework at the mineral surface [61]. Some agricultural studies
showed that after tillage, the soils released more cations from clays [71], and in forests after disturbance,
the cation nutrient release also increased for a short period of time [25,45,72], because these processes
likely expose fresh mineral surfaces and enhance the temporary cation release from both primary and
secondary minerals. However, with changing climate and water availability, the role of mycorrhizal
associations in the nutrient acquisition of higher plants might increase in areas subjected to drier
conditions in the future [73].

The net calcium release rate patterns are different among the experiments (Figure 2B). There
was a much higher net release rate for calcium in the KU columns than in the other two experiments
(Figure 2B), but the biotic enhancement rates for calcium were low and similar among the experiments
(p = 0.08; Figure 2C). In the KU columns, the biotic enhancement rate was the greatest in the SP_PI
treatment (Figure 3C). Schmalenberger et al. [74] reported that P. involutus is effective in mineral
weathering because of the production of large amounts of oxalic acid, and this fungus is found in
association with Scots pine in most natural environments [20]. Oxalic acid is known to have a high
weathering effect on calcium-bearing minerals [70,74]. Although no calcium oxalate precipitates were
observed on any imaged mineral surfaces (Figures 6 and 7), this does not exclude the possibility of
the formation of these secondary minerals. In the red pine treatments, the variation of the calcium
release ratios within treatments was larger than the differences among the treatments (Figure 2C).
Calcium is thought to rarely be limiting in natural settings [18], but with the increased acidification
of the environment as a result of the increase in carbon dioxide concentration in the atmosphere,
as well as agricultural and silvicultural applications, many soils can be vulnerable to calcium and
other base cation depletion [3,13]. Mycorrhizal fungi have the potential to bridge the gap between
calcium availability and mineral sources, as suggested by the mineral calcium fertilization studies of
the Hubbard Brook Experimental Forest in NH, USA [75].

Different fungal species did not cause striking differences in potassium and calcium release in
the KU experiment, but they were substantially different from the abiotic treatment. By contrast, in
the red pine experiments, the treatments with seedlings, ectomycorrhizal fungi, and with bacterial
associates or without microbes were nearly identical to the abiotic treatments. These differences within
the experiments imply a species-specific response of red pine vs. Scots pine to the base cation limiting
conditions. Although, Scots pine seedlings in the KU experiment grew much less than red pine
seedlings in the BB and ZS experiments (Table 2), Scots pine released more potassium from the biotite
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(Figure 2). This could suggest a more active role of Scots pine compared to red pine in the weathering
of silicates, but the two species need to be grown and compared in the same experiment to confirm
this implication. The roots of Scots pine only explored about one third of the available soil volume
in the columns, while red pine became root-bound in both the ZS and BB experiments after nine
months. Scots pine seedlings without any fungal and/or bacterial inoculum (SP_UI treatment, n = 10)
died between three and six months in the KU experiment. Does this indicate that Scots pine is only
successful under base cation limitations if fungal and bacterial associates are present? Is mycorrhizal
Scots pine more efficient in mineral dissolution than red pine under base cation limitations? There
were no differences between the red pine treatments in the ZS and BB experiments (Figure 2), and they
all grew relatively large biomass (Table 2). This suggests that the ectomycorrhizal fungi is of minor
importance for red pine growth and perhaps red pine is well suited to cope with base cation limitations
regardless of associated microbes. Balogh-Brunstad et al. [30] reported that ectomycorrhizal association
increased red pine element release by approximately a factor of 2 relative to pine associations with
bacteria only, but this observation was for the second six months of a 12-month experiment. This
highlights the potential importance of time frame in comparisons of studies such as these.

4.2. Rhizospheric Mineral Alterations and Biofilm Formation

After nine months’ incubation in the rhizosphere of Scots pine in the KU experiment, AFM showed
shallow, 7- to 20-nm-deep, etched fungal hypha channels on biotite surfaces (Figures 3 and 4). There
were etched channels on the biotite surfaces from all of the Scots pine treatments in the KU experiment.
On the KU_A treatment (control), there was no evidence of biologically generated etched channels
(Figure 3D). These results support the findings of others, that fungal hyphal growth alters the biotite
surface both chemically and physically when direct attachment occurs [30,32–35]. Amplitude retrace
(deflection) images help to visualize the shape of the surface-covering materials (Figure 5). These
images show that biofilm/EPS formation was clearly observed in the SP_PI treatment (Figure 5A).
Gazzè et al. [76] showed that P. involutus is able to produce EPS exudates even without bacterial
associates, which is supported by our study (Figures 5A and 6E). Fungal hyphal attachment (Figure 5B)
and extensive biofilm/EPS production (Figure 6D) were documented for P. fallax with SEM. However,
observations of S. bovinus did not support our hypothesis of enhanced biofilm formation and/or fungal
hyphal attachment to surfaces (Figures 5C and 6C). All these fungal species are described as able to
weather silicates in soil environments in association with a host [20,24,41,51–54], which is supported by
the bulk composition data, but surface attachment of fungal hyphae and biofilm/EPS coverage proved
to be minor contributors to the potassium and calcium release under our experimental conditions.

The SEM images allowed a comparison of all three experiments and a large mineral surface
area was investigated, which showed patchy biofilm/EPS development on both biotite and feldspar
surfaces. Fungal hyphae and bacteria attachment to mineral surfaces were observed in all treatments
with microbes (Figure 6A–F) and root hairs also adhered to biotite (Figure 6F). These observations
support previous studies of rhizospheric minerals [22]. However, our hypotheses were not supported
by the KU and ZS experiments because rhizospheric biofilm development was not dominant, and the
biofilm did not incorporate much bacteria and fungi in the KU and ZS experiments. By contrast, the BB
experiment exhibited more developed biofilm and EPS coverage in the rhizosphere (e.g., Figure 6A,B)
and nearly 50% of all mineral surfaces investigated were covered by biofilm [30]. The KU experiment
was only inoculated with the various fungi and some bacterial infection occurred because the seedlings
were not grown in a sterile growth chamber. They remained relatively bacteria-free, which did not
allow development of collaboration between plant roots, mycorrhizal fungi, and associated bacteria
(Figure 1). In addition, the microscopic investigation only provided information at one snapshot in
time when the columns were destructively sampled. Thus, the turnover rate of biological material
in the rhizosphere was not assessed. All experiments showed carbon deposition to the rhizosphere,
which agrees with the results presented by Dohnalkova et al. [77].
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The proportion of the observed channel-shaped etching pattern area with SEM (Figure 7A,B)
was semi-quantitatively estimated, and the results indicated species-specific differences among the
fungal treatments, RP_ST_E (21%), RP_PT_BP (11%), SP_PF (9%), SP_PI (4%), and SP_SB (1%), which
agrees with the biological cover observations but not with the bulk composition data. Thus, in
these experiments, the direct surface attachment and etching by fungal hyphae are not the most
significant contributors to the potassium and calcium release from the minerals. These findings support
field studies that propose that mycorrhizal weathering is important where the direct contribution of
surface-attached fungi to biological and total weathering rates remains low [42,43]. Overall, the bulk
chemical analysis and microscopy investigations of the mineral grains revealed that while the fungal
species promoted dissolution of the mineral surfaces, no species-specific differences were observed
among the mycorrhizal fungi.

Dissolution of minerals was greater in the biological treatments than in the abiotic treatments
in the KU and ZS experiments, which is consistent with the observation of accumulated secondary
precipitates (Figure 7C–F). This is also consistent with the dramatic decrease in pH of drainage
in the biological treatments of those experiments. Why the drainage pH did not also drop in the
BB experiment is not clear, but might be related to the greater production of biofilm, under which
weathering and pH buffering were hypothesized to occur, in the BB treatments with pine. However,
the neutrality of the BB drainage pH could also result from other factors, including shorter drainage
residence time in the columns by the application of large amounts of water.

5. Conclusions

The hypothesis about the importance of fungal attachment under the cover of biofilm was not
clearly supported by this comparison study. Although we found clear evidence that ectomycorrhizal
fungi stimulate silicate weathering in the KU and BB experiments, this effect was minor compared
to other environmental conditions, such as water application (rain events), which varied among the
experiments. The minor effect of biofilm formation on the overall weathering budgets suggests that
such detailed information might not be necessary to describe weathering rates in long-term (geologic)
weathering models [37]. However, on time scales of ecosystem development, such details might be
important, as noted by Balogh-Brunstad et al. [30] who found that the ectomycorrhizal association
was associated with a strong reduction of the element drainage (loss) flux relative to the total element
release flux during months 6–12 of the BB experiment. Thus, the potential importance of timeframe for
the development of the relationships suggested in Figure 1 must also be acknowledged. In addition,
the results indicate that the pine species might differ in their influence on silicate mineral weathering
under potassium and calcium limitations, and that mycorrhizal fungi respond to different water
availabilities in the growth medium. The latter is consistent with the idea that the primary positive
effect of mycorrhizal fungi on nutrient uptake has to do with the regulation of water transport and
availability under low water content [48]. However, to fully evaluate the effect of ectomycorrhizal
fungi in relation to watering regimes and other environmental factors, as well as species-specificity
of trees and fungi in weathering, new experiments need to be designed and performed where these
factors are investigated under controlled conditions. Such experiments are strongly encouraged.
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